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Continued use of fossil fuels is now widely recognized as unsustainable because 
of diminishing supplies and the contribution of these fuels to the increased carbon 
dioxide concentration in the environment. In response to the world energy crisis, 
global warming and climate change, microalgae represent a promising new source 
of feedstock for the production of renewable, carbon neutral, transportation fuels.  
The production cost of renewable energy, produced by photovoltaic or wind 
systems, costs less than any other system that uses combustion. The disadvantage 
related to these systems is that energy need to be storage in very expensive batteries, 
with loss of energy passing the time. Microalgae confirm that they can be a good 
alternative even in this situation. 
Biodiesel has received considerable attention in recent years as it is 
biodegradable, renewable and non-toxic fuel. It emits less gaseous pollutants than 
conventional diesel fuel, and can work directly in diesel engines with no required 
modifications. 
Using microalgae as a biofuel feedstock holds many advantages in relation to 
the environment, food security and land use.  They are an attractive proposition 
from the point of view that microalgae are photosynthetic renewable resources.  
The microalgae have fast growth rates and the ability to fix CO2 while capturing 
solar energy more efficiently than terrestrial plants and produce biomass for 
biofuels production. Microalgae have the ability to grow in a wide range of climates 
and lands, even which are unsuitable for food agriculture.  
However, significant economic and technical challenges remain to be solved 
for scaling-up of microalgae to biofuel production.  
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Biodiesel obtained from microalgae is considered a promising alternative to 
conventional diesel fuel. However, it has been proposed that cultivation of algae 
for the sole purpose of making biodiesel is neither economically efficient nor 
sustainable. 
This project provides an overview in the production of different biofuels 
(biodiesel, bioethanol and biogas) from Chlorella Vulgaris, one of the most 
interesting microalgae. This review including the method we used during the tests 
from the growing of algae to biofuels production: cultivation in photo-bioreactor 
system, harvesting biomass with centrifuge method, extracting the lipid content 
within the microalgae cells with the Bligh and Dyer method, purification step for 
remove the chemical component used during the lipid extraction, fermentation step 
for bioethanol production and analysis method to estimate the biogas production. 
This review has examined two innovative approaches to improve algal biofuel 
production: (1) the production of biodiesel, by extraction of lipids with 
Bligh and Dyer method, was accompanied by the production of bioethanol and 
biogas from the residue. This has the advantage of producing different types of 
biofuels to different uses and also it allows to minimize the residual algae waste. 
(2) We tested the microwave pretreatment to the microalgae for check the 
advantage in yield on the extraction of the different components: lipids, 
carbohydrates and proteins. The results indicate that microwave pretreatment 
extracts lipids and carbohydrates more rapidly and efficiently as compared to no-
pretreatment sample. The rupture of cells in the microwave process is due to the 
tremendous pressure caused by the rapid heating of the moisture inside the 
microalgae cells, this allows the internal components to release in surrogate 
solution. 
The not pretreated samples allow to obtain a total heat value of 15.97 MJ/kg for 
dry biomass. The samples pretreated by microwave for 40 seconds have an HV of 
17.37 MJ/Kg for dry biomass with an increase of 8.75% compared to non-
pretreated samples. The samples pretreated with microwaves for 60 seconds have 
an HV of 18.42 MJ/Kg for dry biomass with an increase of 15.31% compared to 
non-pretreated samples. 
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CHAPTER 1 
 INTRODUCTION  
 
The fast growth of the planet population and rapid development of a number of 
emerging countries have both led to sharp increase in global energy consumption 
(Harun et al.,2010). However, the use of fossil fuels is commonly associated with 
environmental pollution, the greenhouse effect (Ho et al., 2011), and climate 
change (Sivakumar et al., 2010). These forcing many countries to significantly 
increase their efforts toward developing renewable energy sources, which are both 
more sustainable and environmentally friendly (Mussatto et al., 2010).  
Biomass is one of the most promising renewable resource which is used to 
generate different types of biofuels (Ho et al., 2010). In this respect, biomass may 
provide a carbon neutral and sustainable solution, because the carbon dioxide 
generated during fuel combustion can be consumed by biomass growth. 
An important insight for the research of new sources of biomass energy is surely 
represented by microalgae. The generic term microalgae refer to a large group of 
very diverse photosynthetic micro-organisms of microscopic dimension. 
Microalgae can provide several different types of renewable biofuels because they 
are composed mainly of carbohydrates, proteins and lipids. 
The lipid content of algal can be processed into biodiesel by transesterification 
reaction between oils and alcohols, carbohydrates into bioethanol by microbial 
fermentation of sugar and proteins into animal feed or human nutritional 
supplements also, by anaerobic digestion they can provide biogas (Rosenberg et al. 
2008). 
Microalgae use is perfectly aligned with the requirements of the European 
Commission (Directive 2009/28 / EC), which established that by 31 December 
2020, the producers of fuels for the transport sector will have to reduce by at least 
10% the greenhouse gas emissions (GHG). 
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However, microalgae are not cost effective yet to compete with fossil diesel 
fuel, without additional support like government subsidies. Research is being done 
to turn it economically viable. 
In order for microalgae biodiesel to be economically feasible, the costs of algae 
cultivation, biomass harvesting, and processing must be minimal. Furthermore, 
byproducts of biodiesel refining such as glycerol as well as the residual biomass 
from lipid extraction must be utilized (Vlysidis et al., 2011; Zhu, 2014). The lipid 
extracted biomass contains carbohydrates and proteins, which can be converted to 
bioethanol and biogas. Combining production of bioethanol and biogas from waste 
biomass with biodiesel production can improve the sustainability and lower the cost 
of algal biodiesel (Zhu, 2014). 
Podkuiko et al (2014) in their project tried the potential approaches and methods 
to make algal biofuel production economically viable and environmentally friendly 
by using wastewater for algae cultivation and recycling the by-products and waste. 
The use of wastewater as a culture medium could reduce fresh water requirement 
by 90% and eliminate the need for nutrients, except phosphate (Yang et al., 2011). 
Moreover microalgae do not require oxygen and have the potential to reduce the 
costs of wastewater treatment. Chlorella vulgaris has been shown to reduce nitrogen 
and phosphorus by 90% and 80% respectively from treated sewage water (Pittman 
et al., 2011). 
Microalgae are promising biomass species for biofuel production which owe 
their importance to their fast growth rate and the ability to fix CO2 while capturing 
solar energy with efficiency of 10-15 times greater than that of terrestrial plants 
(Khan et al. 2009).  
 They have long been recognized as potentially good source for biodiesel 
production because of their high oil content and rapid biomass production. (Phukan 
et al., 2011). They also may be used for other applications, such as purification of 
wastewater under autotrophic or mixotrophic condition (Munoz and Guieysse, 
2006), extraction of high added foods and pharmaceutical product, or as food for 
aquaculture (Spolaore et al., 2006). 
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Several studies have shown that the quantity and quality of components within 
the cell can vary as a result of changes in growth condition (temperature and light 
intensity) or nutrient media characteristics (concentration of nitrogen, phosphates 
and iron) for the culture of microalgae (Converti et al., 2009). Moreover they can 
grow in both fresh lake and sea waters as well as in almost every environmental 
condition from frozen lands of Scandinavia to hot desert soils of the Sahara.  
Microalgae have also an enormous biodiversity which over 40.000 types are 
analysed (Li et al., 2008). One of the most remarkable is the green eukaryotic: 
Chlorella Vulgaris (Safi et al., 2014) that was used for this research.  
The overall goal of this research is to develop and evaluate the bioenergy 
production using the Chlorella Vulgaris microalgae as the feedstock. The specific 
objectives are as follows: 
 Cultivation of microalgae in the photobioreactor according to two 
different systems of growth: one provides for continuous supply of air 
and carbon dioxide, through cylinders, while the system is kept isolated 
from the outside by plugs, the other system uses a sponge stopper which 
allows the introduction of air and carbon dioxide from the surrounding 
air preventing the introduction of foreign agents. 
 Lipid extraction for different amounts of microalgae paste, following the 
procedure given by Bligh and Dyer.  
 Definition of the optimal parameters for the microwave, varying the 
residence time, to be used as a pretreatment for the process after 
harvesting step. 
 Main purpose of the research was to evaluate the biodiesel production 
from microalgae pretreated with microwave, and consequently 
bioethanol and biogas from residual biomass (fig. 1). These was made to 
increase the total energy value and minimize waste. 
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Figure 1: Overview of the biofuels production process and various technologies that have 
been used for each process 
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1.1 Chlorella Vulgaris: morphology, composition and reproduction 
One of the most serious environmental problems today is the global warming 
caused primarily by the heavy use of fossil fuels. The CO2 generated by power 
plants and industry can be recovered with technology such as chemical absorption. 
Microalgae are potential candidates for using excessive amounts of CO2. Since the 
cultivation of these organisms are capable of fixing CO2 to produce energy and 
chemical compounds with the presence of sunlight. 
Their photosynthetic capability is similar to land based plants, due to their 
simple cellular structure, and they are submerged in aqueous environment where 
they have efficient access to water, CO2 and nutrients. Microalgae are generally 
more efficient in converting solar energy into biomass than land plants.  
Microalgae sequester CO2 from flue gasses emitted from fossil fuel power 
plants and other sources, reducing emissions of a major greenhouse gas. 1 kg of 
algal biomass requiring about 1.8 kg of CO2. (Khan et al. 2009). 
C. Vulgaris is a green algae with a spherical microscopic cell with 2-10 µm 
diameter (Safi et al., 2014) and has many similar elements to plants in the world. 
The cell wall is rigid, preserves the integrity of the cell and represents a 
protection for the external staff. The new microalgae have a breakable and thin cell 
wall (2nm).The cell wall of the new microalgae gradually increases in thickness 
and rigidity until it is 17-21 nm after maturation (Yamamoto et al., 2004). In its 
mature stage, cell wall composition and thickness are not constant because they can 
change features based upon different environmental and growth conditions. 
Confined within the barrier of the cell membrane there is a cytoplasm, it is like 
a gel and it is mainly made of water. Dispersed in the gel of the cytoplasm there are 
internal organelles (fig. 2): mitochondrion, nucleus, vacuoles, a single chloroplast 
and the Golgi body (Safi et al., 2014).   
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Figure 2: Internal structure of C. Vulgaris (Safi et al., 2014) 
 
C. Vulgaris reproduces asexually and quickly. In optimal conditions it grows 
exponentially by auto sporulation, which is the most common asexual reproduction 
in algae (fig. 3). In 24 hours, four daughter cells are produced from a single mother 
cell. After maturation, the mother cell wall ruptures, allowing the release of the new 
algae and the residues of the mother cell will be consumed as nourishment by the 
newly formed cells (Safi et al., 2014). 
 
 
Figure 3: Stages of growth: (a)early cell-growth phase; (b) late cell-growth growth phase; (c) 
chloroplast dividing phase; (d) early protoplast dividing phase; (e) late protoplast dividing phase; 
(f) daughter cells maturation phase and (g) hatching phase ( Safi et al., 2014) 
 
Microalgae are normally grown using light energy to fix carbon dioxide into 
hydrocarbons with oxygen discharged as a waste product according to the following 
equation: 
 
𝐶𝑂2 + 𝐻2𝑂 → 𝐶𝑛(𝐻2𝑂)𝑛 + 𝑂2 
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Normally, light energy is harvested by chlorophyll molecules. This reaction can 
be expressed as an oxidation-reduction reaction, where carbon dioxide and water 
are converted to carbohydrates and oxygen.  
C. Vulgaris, as previously mentioned, is characterized by a rapid growth phase 
and responds well to different growth conditions by modifying its specific 
components. This microalgae is ideal for the production, because it is very resistant 
to harsh conditions and containment invaders. 
On the one hand, lipid and starch contents increase and biomass productivity 
decreases when there is nitrogen and phosphorus limitation, high CO2 
concentration, excessive exposure to light, excess of iron or high temperatures. On 
the other hand, protein content increases during normal and managed growth 
conditions (Converti et al., 2009). 
In figure 4 it is illustrated that lipid content may be enhanced by nutrient 
deficiency. In this figure it is shown an average laboratory lipid content under 
nitrogen replete and nitrogen deprived conditions. 
 
 
Figure 4: Lipid content under nutrient replete and nitrogen deficiency conditions 
 
Therefore, many growth techniques have been tested in order to voluntarily 
target biomass productivity, lipid, proteins, carbohydrates and pigments content 
(Safi et al., 2014). 
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In the following table 1 are show the gross chemical composition of different 
algae in % of dry matter. 
 
 
Table 1: Chemical composition of different algae (Murphy et al., 2015) 
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1.2 From algae to Biofuel 
Algae, and in particular microalgae, are considered, to this day, one of the main 
raw materials to be processed for the production of biofuels. 
The transformation of microalgae in biofuels, involves the actuation of the 
following steps: Cultivation, Harvesting/dewatering, Extraction and Conversion to 
biofuel (Fishman et al., 2010). 
 
1.2.1 Cultivation 
The microalgae can be grown with open or closed photoautotrophic methods.  
This requires light for growth and biomass formation or with heterotrophic method, 
which does not require light but carbon sources, e.g. sugar, for growth and biomass 
formation (Fishman et al., 2010). 
 
1.2.1.1 Photoautotrophic production 
In nature, algae follow the photosynthetic process by absorbing sunlight, 
assimilating the CO2 from the air and nutrients from the water for the production 
of biomass. The process trying to replace, artificially, the ideal natural 
environmental condition to facilitate to growth of the microalgae, 
Currently, the photosynthetic process is considered technically and 
economically the most feasible from the point of view of large scale production of 
biomass and energy. Two different methods are used, open-pound system and close 
photo-bioreactor. 
 
The Open pound systems are characterized by natural waters (lakes, lagoons 
and ponds), wastewater, artificial ponds, or containers.  
Among these, the most used are artificial ponds (Brennan and Owende, 2009). 
These ponds are characterized by a closed circuit, (oval), generally between 0.2 and 
0.5m deep to maintain the algae exposed to the sunlight and to keep the sunlight 
penetrated in the limited depth of the ponds, with the mixing and circulation 
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necessary to stabilize the growth of algae and productivity. A paddle wheel is in 
continuous operation to prevent sedimentation (fig. 5). 
 
 
Figure 5: Paddle wheel (Alcaine, 2010) 
 
During daylight, algae broth and nutrients are fed continuously in front of the 
paddles wheel where the flow begins. Broth is harvested behind the paddle wheel, 
on completion of the circulation loop (fig. 6). 
 
 
Figure 6: Arial view of an open pound system (Alcaine, 2010) 
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The following figure 7 show the system for growth of algae in New Zealand, 
this is one of the largest know ponds (1.25 ha) (Lundquist et al.,2010). 
 
 
Figure 7: An open pound system in New Zealand  
 
Artificial ponds are usually constructed of concrete. 
The supply of CO2 necessary to microalgae is usually introduced with surface 
aerators. Submerged aerators may also be used to increase the absorption of CO2 
(Terry et al., 1985). 
The open pond system is the most economical method of mass production of 
algae biomass. They also have lower input energy requirements and regular 
maintenance and cleaning are easier (Brennan and Owende, 2009).  
With regard to the biomass productivity, open pond systems are less efficient 
when compared with closed photo-bioreactors. This can be attributed to several 
factors, such as, loss of water by evaporation, temperature variations in the growth 
media, CO2 deficiencies, inefficient mixing, the limitation of light, risk of 
contamination and the possibility of growth of other species of algae (Safi et al., 
2014). Potential shortages of CO2 in the atmosphere or poor mixing, can result in 
reduced productivity of biomass due to the use of less efficient CO2. 
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Closed photo-bioreactors (PBRs), were introduced to overcome the difficulties 
encountered in the Open pond system. These devices are bioreactors which 
incorporates some type of light source.  
PBRs are flexible systems that can be optimized according to the biological 
features of the algal species that are cultivated. PBRs provide a protected 
environment with safety from contamination by other microorganisms and culture 
parameters can be better controlled. They also prevent evaporation and reduce 
water use, lower CO2 losses due to outgassing and permit higher cell concentration 
and consequently higher biomass productivity.   
The photo-bioreactors are generally 20cm, or less, in diameter, and the 
thickness of its walls is small and transparent to allow an optimal light absorption 
to ensure high biomass productivity. The disadvantages of this system are the 
limited illumination and the high cost of production, management and sterilization 
(Safi et al., 2014). 
There are several closed photo-bioreactor designs, but the easiest ones to scale 
up are tubular bioreactors, which have a large surface area per unit of occupied land 
and therefore exhibit higher efficiency of light utilization compared to other 
bioreactor designs (Munoz and Guieysse, 2006). 
The figure 8 show the scheme of a horizontal tubular photo-bioreactor, in this 
system microalgae cultures circulate from a vessel to the solar collector and go back 
to the vessel. In the solar collector is where photosynthesis occurs, is where algae 
absorb solar radiation or artificial light through the transparent plastic tubes. This 
operation is in continuous mode. The water is transported by pumps from the 
photosynthesis part of the PBR to the feeding vessel. Biomass sedimentation in 
tubes is prevented by maintaining highly turbulent flow. 
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Figure 8: Scheme of a horizontal tubular photo-bioreactor (Alcaine, 2010)  
 
The figure 9 and figure 10 shows two different photo-bioreactors system.  
 
Figure 9: Vertical photo-bioreactor system (Wang. 2013) 
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Figure 10: 1000 L helical tubular photo-bioreactor at Murdoch University, Australia  
(Chisti, 2007) 
 
Table 2 represents comparison of microalgae cultivation techniques; open 
ponds and photo-bioreactor (Harun et al., 2010). 
 
 
Table 2: Comparison of microalgae cultivation techniques; open ponds and photo-bioreactor 
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1.2.1.2 Heterotrophic production 
Heterotrophic production does not require light for the growth phase and the 
algae biomass is fed with organic carbon sources. The carbon sources used for C. 
Vulgaris are glucose, acetate, glycerol and glutamate (Safi et al., 2014). 
This heterotrophic system allows a high degree of control over the growth phase 
and lowers harvesting costs due to the higher cell densities achieved. The 
disadvantages associated with this production system are the high price and poor 
availability of sugar, because the sugar is used for food production (Safi et al., 
2014).  
Table 3 shows the main disadvantages and advantages for the two techniques.  
 
 
Table 3: Comparative features of microalgae cultivation approaches (Fishman et al., 2010). 
 
To achieve the aims of this research, closed photo-bioreactors were used to 
monitor the conditions of growth and limit contamination. 
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1.2.1.3 Culture Parameters 
The most important parameters regulating algal growth are nutrient quantity 
and quality, light, pH, salinity, temperature and mixing intensity. 
Hydrocarbons are composed 90% of carbon and 10% of hydrogen. The source 
of hydrogen is water and the source for the enormous quantity of carbon needed is 
atmospheric CO2. The other important nutrient is nitrogen, phosphate, potash, 
silicia and vitamins. 
The culture should be in a temperature as close as possible to the temperature 
at which the microorganisms are collected (polar – temperate – tropical). 
Light intensity play an important role, it may be natural or supplied by 
fluorescent tubes emitting blue or red light spectrum. Light intensity and quality 
can be manipulated by filters.  
The pH range for most growing algal species is between 7 and 9, with the 
optimum range being 8.2-8.7 (Alcaine, 2010). The pH control in culture media is 
important because certain algae grow only within pH range.  
Every alga has different optimum salinity range that can increase during hot 
weather conditions due to high evaporation. The easiest way for salinity control is 
by adding freshwater or salt as required. Salinities of 20-40 g / L have been found 
to be optimal (Alcaine, 2010). 
The mixing is necessary to prevent sedimentation of the algae and ensure that 
all cells of the population are equally exposed to the light and nutrients. It is 
important to avoid thermal stratification and to improve gas exchange between the 
culture medium and the air. However, high speed and turbulence can damage 
microalgae due to shear stress.  
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1.2.2 Harvesting/Dewatering 
The processes for the production of biofuels from algae require stages of 
collection and dehydration due to the small size of the microalgae cells and the 
relatively dilute solutions, because the algae are grown in aqueous solutions, then 
large water volumes need to be processed to harvest the biomass before the next 
phase of extraction and conversion (Fishman et al., 2010). This step is considered 
an expensive part of industrial plan and have been estimated to contribute 20% - 
30% of the total cost of microalgal biomass (Rawat et al., 2011). However, this 
stage is essential for the production of biofuels. 
The selection of the appropriate method is of fundamental importance for both 
economic factors and productivity. Then, the appropriate method is selected 
according to the characteristics of the biomass, size and density, as well as the type 
of desired product.  
Different types of harvesting are: centrifugation, flocculation, flotation and 
filtration. Which the most common harvesting method is centrifugation. 
Although centrifugation is a relatively easy method with highly efficient (95% 
recovery) and not time consuming (Safi et al., 2014), it is estimated to consume 
from 3.3 to 4.5 MJ/m3 of electricity and it is therefore expensive for large scale 
algae harvesting (Jonker and Faaij, 2013). Filtration is a good method but in a large 
scale is not economically suitable because of high cost of membrane replacement 
and high energy requirements (Munoz and Guieysse, 2006). Flotation associated 
with flocculation are one of the most widely method used in industrial scale 
(Podkuiko et al.,2014), they are less expensive but time consuming. 
In this research, potentially energy and cost effective harvesting techniques are 
not discussed. 
1.2.2.1 Centrifugation 
Centrifugation is the harvesting method which involves centripetal acceleration 
to separate algal culture into regions of greater and less densities. 
Rapid and efficient nature of this method makes it one of the most preferred 
methods for harvesting of algal biomass. However, high energy intensive nature of 
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this method makes it economically unfeasible in a large scale up (Pragya et al., 
2013).  
A centrifuge is a device that puts an object in rotation around a fixed axis, 
applying a force perpendicular to the axis. The centrifuge works using the 
sedimentation principle.  
This method is reasonably efficient, but sensitive algal cells may be damaged 
by granulation against the rotor wall. 
This system was used in our experiment. 
 
1.2.2.2 Filtration 
In this method algae culture runs through filters, which hold back algae and 
allow the water to pass through them. The process takes place continually until 
filters contain a thick paste of algae.  
Microfiltration, dead end filtration, vacuum filtration, pressure filtration, 
ultrafiltration, and tangential flow filtration (TFF) area few different filtration 
methods (Harun et al, 2010).  
Larger algae can be effectively recovered by vacuum filtration in combination 
with filter aid, while micro-filtration or ultrafiltration are effective in recovering 
smaller algae. However, vacuum and micro-filtration are costly and biomass 
pumping requirement makes them energy intensive. They also require frequent 
membrane replacements, due to fouling (Pragya et al., 2013).  
The greatest advantage of this method is that it is able to collect microalgae 
cells with very slow density. However, concentration by filtration is limited to small 
volumes with eventual clogging in the filters by the package cells when vacuum is 
applied.  
Filtration is best suited for large microalgae but cannot recover organisms with 
smaller dimensions such Chlorella Vulgaris. 
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1.2.2.3 Flocculation 
Flocculation is a process in which solute particles in a solution join together to 
form aggregates called “floc”. It is used to aggregate the microalgae cells to 
increase the effective particle sizes.  
Microalgae carry a negative charge as a result of adsorption of ions originating 
from organic matter and dissociation or ionization of surface functional groups 
(Pragya et al., 2013). This negative charge does not let them self-aggregate within 
suspension. Microalgae can be successfully harvested only by disrupting this stable 
system. In order to neutralize the cell and allow aggregation microalgae cells, the 
most commonly chemical inorganic flocculants used are metal salts such as 
aluminium sulphate (Al2(SO4)3) and ferric chloride (FeCl3), which have a 
harvesting efficiency greater than 90% (Vandamme et al., 2013). 
This method is often too expensive in large dimensions. However, interrupting 
the carbon dioxide supply to an algae system can cause microalgae to spontaneous 
aggregation of particles, which is called “auto-flocculation”. 
Besides chemical flocculation, several physical methods have also been 
proposed such as electrolytic or electrocoagulation flocculation, ultrasound aided 
flocculation and magnetic separation. Physical methods does not employ chemical 
flocculants, is rapid and relatively simple in operation and can be applied on a large 
scale (Xu et al., 2011). 
In the following figure 11 there is a sample of microalgae under flocculation 
process. 
 
Figure 11: microalgae flocculation process 
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1.2.2.4 Flotation 
Laboratory trials have shown that flotation is suitable for harvesting small, 
unicellular algae. It is a simple method by which algae can be made to float on the 
surface medium and then removed. It is used microbubble that attach to 
hydrophobic particles, lifting them up to the surface where they can be collected 
(Hanotu et al., 2012). A continuous air stream is supplied by an air compressor 
through a porous material generating bubbles.  
Usually flotation is used in combination with flocculation for algae harvesting 
in waste water. 
On the basis of bubble size, flotation can be divided into dissolved air flotation 
(DAF), dispersed flotation and electrolytic flotation. 
Ozonation-dispersed flotation is another method of creating charged bubbles. 
When used to harvest Chlorella vulgaris, its cells showed an increase in the lipid 
content (from 31 % to 55 %) in the flotation stage (Pragya et al., 2013). 
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1.3 Conversion to Biofuel 
The final conversion to biofuels can be done in biological conversion, 
thermochemical conversion or transesterification, as show in figure 12. The choice 
of the conversion system depends on the intrinsic characteristics of the biomass and 
the type of product desired (Fishman et al., 2010). 
 
 
Figure 12: Current strategies for production of biofuels from algal biomass 
 
1.3.1 Biodiesel 
Biodiesel is an attractive fuel for diesel engines because it is a clean energy, 
renewable, non toxic and sustainable alternative to petroleum based fuels, and it is 
able to reduce toxic emissions when is burned in a diesel engine. 
The interest of this alternative energy resource is that fatty ester acids, known 
as biodiesel, have similar characteristics of petro-diesel oil which allows its use in 
compression motors without any engine modification. The problem is that biodiesel 
has viscosities approximately twice those of conventional diesel fuels. 
Therefore, biodiesel can be used directly or blended with petro-diesel. These 
blends are designated by BXX, where XX is the proportion of biodiesel and 
conventional diesel fuel. For example B20, which indicates 20% blend of biodiesel 
and 80% of petro-diesel. B20 is the most popular blend because of the good balance 
cost, lower emissions than petro-diesel, and weather cold performance. B100 is 
denominated pure biodiesel at 100% (Sharma et al., 2009). 
 31 
 
The higher heating values are relatively high. The HHV of biodiesel is 39-41 
MJ/kg is slightly lower than fossil fuel diesel with 43 MJ/kg, but higher than coal 
with 32 - 37 MJ/kg (Alcaine, 2010). 
For algal biodiesel production, the algae biomass usually needs to be dewatered, 
dried and extracted with organic solvent to obtain the oil in algae cells.  
Various techniques, including sonication, bead milling, microwave treatment, 
have been investigated for more efficient lipid extraction from microalgae (Chen et 
al., 2010). However, these extraction methods are still on a laboratory scale and 
none of them is proved to be practical and economical for commercial production. 
 
1.3.1.1 Lipid extraction 
One of the major problems associated with the production of biodiesel on a 
large scale from microalgae is related to the lack of defined methods allowing the 
separation of lipid from algal biomass.  
The current extraction techniques are suitable for analytical studies in the 
laboratory or for the recovery / removal of high value products. However, they are 
not still quite effective, efficient, safe and economical for a large production 
volumes.  
Extraction is one of the few obstacles to overcome before we could consider 
biodiesel the ideal alternative to fossil fuel.  
There are different techniques of extraction: Organic Co-solvent Mixture, 
Accelerated Solvent Extraction, Selective Extraction, Subcritical Water Extraction,  
Supercritical Fluid Extraction (Fishman et al., 2010).  
Any extraction process must perform the following steps: 
 Penetrating through the cellular matrix enclosing the material; 
 Recognize and bind the material; 
 Solvate the main components;  
The different extraction methods are selected depending on the type of 
component that is to be extracted, from the algal species and its state of growth. 
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Lipids are commonly extracted using different ratios of organic solvents like 
ethanol, methanol, hexane, chloroform, and methylene chloride. The highest yield 
of lipids extracted has been obtained using a mixture of chloroform and methanol 
(2:1, v/v) and then separated into chloroform and aqueous methanol layers by the 
addition of methanol and water to give a final solvent ratio of chloroform / methanol 
/ water of 1 : 1 : 0,9 (D’Oca et al., 2011). 
The use of solvent systems is shown that the most efficient method for the 
extraction of lipids from microalgae, in particular, the method described by Bligh 
and Dyer (Bligh and Dyer., 1959) allows to obtain higher yields of 95% of total 
lipids, this method is also used for any solution with a water content greater than 
80% (Lam and Lee. 2012). The standard operating procedure (SOP) described by 
Bligh and Dyer for the system chloroform / methanol / water was reproduced during 
the tests in laboratory.  
In the following figure 13 is show the ternary system described above. 
 
Figure 13: Chloroform – Methanol – Water phase diagram, % (w/w) at 20°C 
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Starting from lyophilized biomass, the extraction was more efficient when the 
solvents were added in order of increasing polarity (chloroform, methanol, and then 
water) (Lewis et al., 2000). This is because the initial contact between the biomass 
and the non-polar solvent tends to weaken the bond between components and cell 
structure. 
However, the development of extraction processes must take account of the fact 
that the structure of the cell walls can present formidable obstacles to solvent 
access. This generally requires that the structure of the biomass must be destroyed 
before extraction by pretreatments. Pretreatment enhances lipid extraction and 
helps to reduce the amount of solvent needed. The destruction of the cell membrane 
can help to compensate for the need to use high temperature and pressure.  
High temperature help to disrupt the solute-matrix interactions, reduce the 
viscosity and surface tension of water, thus it will improve the contact between the 
solvent and solute. The high pressure, however, facilitates the transport of solvent 
for the analytic that have been trapped in the pores (Fishman et al., 2010). 
Several methods can be used to destroy the cell membrane prior to the 
application of chemical extraction using solvents. These can be divided into 
mechanical and non-mechanical processes.  
Among these, microwave radiation has been found to be more effective than 
others in disrupting the cells walls, resulting in higher extracted lipid yields and it 
can be easily scaled-up (Lee et al., 2010). 
A promising low-cost method for cell disruption is the application of pulse 
electric field, which causes cell membrane permeability (Goettel et al., 2013). 
 
1.3.1.2 Transesterification 
The extraction step is followed by the conversion of the extracted lipids into 
biodiesel. 
The reaction to produce biodiesel from microalgae is called acid 
transesterification reaction of microalgae oil. It is used sulfuric acid as a catalyst 
to speed up this reaction to the right side and to obtain high biodiesel yields. The 
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main byproduct obtained from the reaction is glycerin. The oil extracted has to be 
esterified with an alcohol to become biodiesel.  
The main process to produce biodiesel from microalgae is illustrated in figure 
14. 
 
GROWTH OF 
MICROALGAE 
HARVESTING 
OF 
MICROALGAE 
EXTRACTION 
OF OIL FROM 
MICROALGAE 
ACID 
TRANSESTERI-
FICATION 
REACTION
BIODIESEL 
FROM 
MICROALGAE 
OIL  
Figure 14: Main process for biodiesel production 
The alkali catalysts (KOH or NaOH) were not suitable in basic 
transesterification because of the high acid value of the algal oil. Therefore, the 
microalgae need to be treated by using acid catalyst (Miao and Wu, 2006). 
The mixture of reagent for the reaction consists of microalgae oil, methanol and 
concentrated sulfuric acid. In figure 15 it is shown the main acid catalyst 
transesterification reaction. 
 
Figure 15: Main acid transesterification reaction 
Biodiesel is a mix of fatty acid methyl esters (FAME), which are mainly 
produced from triglycerides. Transesterification is a three-step process, where 
triglycerides react with methanol in the presence of a catalyst to produce FAME 
and glycerol as final products (Bahadar and Khan, 2013).   
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In the following are show the reaction details: 
Triglyceride + CH3OH ↔ FAME + Diglyceride 
Diglyceride + CH3OH ↔ FAME + Monoglyceride 
Monoglyceride + CH3OH ↔ FAME + Glycerol 
Methanol is used in surplus to shift the reaction toward the products and it is 
recovered and recycled. 
In order to increase the economic sustainability of biodiesel production the by-
products should be valorized. Glycerol has been used for heterotrophic and 
mixotrophic cultivation of algae as a carbon source. Adding glycerol to the culture 
medium has been shown to increase the saturation of fatty acids in algae. Moreover, 
glycerol can be used for hydrogen and electricity production through microbial 
bioconversion or for co-digestion of algae waste biomass in anaerobic digestion 
(Podkuiko et al., 2014) 
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1.3.2 Biological conversion 
The biological conversion are made to bioethanol or biogas production. 
Bioethanol production is a very mature technology using sugars as the 
substrates. Some microalgae species contain high amount of starch, which can be 
converted to ethanol by fermentation (Hirano et al., 1997). 
Anaerobic digestion (AD) is another biological conversion technique involving 
the breakdown of the organics in biomass into biogas, or biomethane (Vergara-
Fernandez et al., 2008). 
 
1.3.3.1 Bioethanol 
Both starches and cellulose from algal cell walls can be utilized for bioethanol 
production (Zhu, 2014). In order to extract the starches, the algal biomass has to be 
pretreated either mechanically or enzymatically to disrupt the cell walls (John et 
al., 2011).  
The pretreatment contributes significantly to the cost of producing bioethanol. 
However, during lipid extraction, the algal cells are typically pretreated to disrupt 
the cell walls and aid the release of lipids (Harun et al., 2009).  
Prior to fermentation, the starch and the carbohydrates from the algal cell walls 
including cellulose, galactose, arabinose, and xylose have to be converted into 
simple sugars (Harun et al., 2009). This process is called saccharification and is 
typically achieved with hydrolysis using acid (H2SO4), base (NaOH) or special 
enzymes (amylases, glucoamylases) (Harun and Danquah, 2011). 
Following saccharification the sugars from starch are fermented into ethanol 
using suitable yeast strains such as Saccharomyces cerevisiae, S. uvarum, S. 
bayanus etc (Harun et al., 2009).  
Both saccharification and fermentation processes can be simultaneously carried 
out in a single step if an amylase producing strain can be used for ethanol 
fermentation (Chaudhary et al., 2014). 
In order to achieve maximum ethanol yield, the microalgae biomass 
concentration needs to be optimized. Higher biomass concentration and thus, higher 
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carbohydrate concentration may result in release of toxic chemicals and ethanol at 
levels, which can inhibit the yeast cells (Harun and Danquah, 2011). Also the 
appropriate temperature and pH must be maintained depending on the yeast strain 
used (Harun et al., 2009). 
The microalgae Chlorella vulgaris, particularly, has been considered as a 
promising feedstock for bioethanol production because it can accumulate up to 37% 
(dry weight) of starch. However, higher starch contents can also be obtained for 
optimized culture conditions (Chaudhary et al., 2014). 
Production of bioethanol from lipid extracted biomass is an unexplored area, 
for this reason it was chosen to evaluate the energy advantage and the overall 
economic value on the production of bioethanol from the residue of the lipid 
extraction in this research. 
 
 
1.3.3.2 Biogas 
After biodiesel and bioethanol production, the residual biomass is typically 
poor in carbohydrates and lipids, and has relatively high protein content (Zhu, 
2014). For this reason, in this research, the waste biomass from bioethanol 
production was used as a feedstock for anaerobic digestion for biogas production. 
However, there is poor research on biogas production from lipid extracted and 
fermented algal biomass. 
Biogas mainly consists of a mixture of methane (55–75%), which is carbon 
most reduced state, and carbon dioxide (25–45%) produced during anaerobic 
digestion by anaerobic microorganisms. Methane from anaerobic digestion can be 
used as fuel gas and also be converted to generate electricity (Harun et al., 2010). 
Carbon dioxide separated from the biogas can be recycled for algal growth. Other 
gases, normally less than 1%, such as nitrogen, nitrogen oxides, hydrogen, 
ammonia and hydrogen sulphide are also formed (Passos et al., 2014). 
The final waste of the anaerobic digestion contains nutrients such as phosphorus 
and nitrogen and can be used as a fertilizer. 
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The theoretical microalgae methane yield for Chlorella Vulgaris was estimated 
as 0.31 – 0.35 L CH4/g volatile solids (VS) with a methane content in a range 68 – 
75 % as show in table 4 (Murphy et al., 2015). 
 
Table 4: Methane and biogas production from different microalgae species 
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1.3.4 Thermochemical conversion 
Thermochemical conversion is the thermal decomposition of organic matter in 
biomass to produce fuels. A main advantage is that it is usually carried out in much 
shorter time than biological conversion. Moreover, thermochemical conversion has 
the potential to be integrated into the existing petroleum processing infrastructure. 
 
1.3.4.1 Gasification 
Gasification typically involves the partial oxidation of biomass into fuel gases 
at high temperatures (> 800 °C) with or without catalysts. It is usually carried out 
with air or steam to generate a mixture of CO, H2, CO2 (syngas), and some light 
hydrocarbons (Demirbas, 2001). Although extensive research has been done on 
terrestrial biomass, scientific reports on gasification of microalgae are very limited 
and most of them used hydrothermal gasification. 
Hydrothermal technologies broadly cover chemical and physical 
transformations in high temperature (200–600 °C) and high-pressure (5–40 MPa) 
water (Peterson et al., 2008). Chakinala et al. (2010) investigated hydrothermal 
gasification of Chlorella vulgaris in the range of 400-700 °C.  
Gasification have energetic advantages for wet biomass such as algae, because 
water is heated in pressurized liquid form so that energy input for water removal by 
evaporation is eliminated. The efficiency increased with higher temperature, lower 
algae concentrations and longer residence times. 
Compared with gasification, there are more publications and reports on 
hydrothermal liquefaction (HTL) of algae which could directly produce liquid fuels 
(bio-oil). It is usually carried out in the temperature range of 250–350 °C (which is 
referred to as the subcritical water condition) and high pressure. 
The yield and quality of bio-oil was found to be a function of temperature, 
retention time, biomass loading and presence of catalysts. The yield of bio-oil was 
reported in the range of 10%–50% with a heating value of 35–40 MJ/kg, slightly 
lower than that of petroleum crude oil of 43 MJ/kg (Biller et al., 2011; Duan and 
Savage, 2010). However, since a large amount of water exists in HTL, bio-oil is 
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always emulsified within the water and large amount of organic solvent 
(dichloromethane) is needed for extraction. 
 
1.3.4.2 Pyrolysis 
Pyrolysis is the conversion of biomass into bio-oil, biochar and syngas at 
elevated temperature (300–700 °C) in the absence of air (Bridgwater and Peacocke, 
2000). The yield and properties of each fraction are dependent on the pyrolysis 
temperature, heating rate, residence time and catalysts.  
According to the vapor residence time, pyrolysis is classified into slow 
pyrolysis and fast pyrolysis. Slow pyrolysis with a vapor residence time from 
several minutes to hours has been carried out for charcoal production for centuries.  
Compared to slow pyrolysis, fast pyrolysis is a new technology which produces 
biofuels in the absence of air at atmospheric pressure, with a relatively low 
temperature (450 – 550ºC) as well as short gas residence time to crack into short 
chain molecules and be cooled to liquid quickly. 
The advantages of using fast pyrolysis instead of low pyrolysis are less bio-oils 
produced from slow pyrolysis with a viscosity not suitable for liquid fuels.  
The pyrolysis oil or bio-oil produced by fast pyrolysis is two to three times 
cheaper than the gasification and fermentation processes. However, due low 
quality, their use in conventional gasoline and diesel fuel engines is not possible. 
 
1.3.4.3 Hydrothermal conversion 
The most common upgrading methods of bio-oil are hydrotreatment or catalytic 
cracking (Zhang et al., 2007).  
Hydrotreatment is performed in the presence of pressurized hydrogen with 
catalysts at moderate temperatures (300-600 °C). Hydrotreatment of bio-oil has 
been carried out utilizing different noble metal and transition metal catalysts 
(Wildschut et al., 2009). However, the source of hydrogen for conversion still need 
to be addressed to make the technology economically viable.  
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In catalytic cracking, oxygenated compounds in bio-oil are deoxygenated to 
hydrocarbons with oxygen removed as H2O, CO and CO2. Shape-selective 
catalysts, such as zeolites, are necessary for the cracking process.  
Different from hydrotreatment, catalytic cracking is carried out in atmospheric 
pressure and does not require the addition of external hydrogen (Foster et al., 2012).  
Typically, catalysts are pre-mixed with biomass, or a catalyst bed is set up 
between the pyrolysis reactor and condensers.  
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1.4 Pretreatment 
Cell disruption is important for the extraction of various cell inclusions 
component. The effectiveness of pretreatment methods on biofuels production 
depends on the characteristics of microalgae. 
Pretreatment methods can be divided into four categories: thermal, mechanical, 
chemical and biological processes (fig. 16) (Passos et al., 2014). 
 
 
Figure 16 : Pretreatment methods 
 
Which thermal and mechanical pretreatments are regarded as the most effective 
for microalgae cell.  
As seen on the picture, thermal pretreatments are sub-divided into three 
categories: thermal pretreatment, hydrothermal pretreatment and thermal 
pretreatment with steam explosion.  
Thermal pretreatment consists of biomass heating at temperatures below 100 
°C under atmospheric pressure. Hydrothermal consists in applying heat at 
temperatures above 100 °C, with gradual pressure release after pretreatment. Steam 
explosion consists of a sudden pressure drop after pretreatment at temperatures 
above 100 °C (Passos et al., 2014). 
Mechanical pretreatments are act to directly breaking cells through a physical 
force. In such cases, mechanical methods are usually preferred, since they are less 
dependent on microalgae species and less likely to contaminate the lipid product, 
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in comparison with chemical pretreatments (Lee et al., 2012). However, the main 
disadvantage is high electricity consumption if compared with chemical, thermal 
and biological methods (Lee et al., 2012).  
Ultrasounds consist in rapid compression and decompression cycles of sonic 
waves. The continuing cycles generate cavitation, which is the formation of regions 
with liquid vapour inside the cell, called microbubbles.  
Microwaves are short waves of electromagnetic energy varying in frequency 
from 300 MHz to 300 GHz. Generally frequencies are around 2450 MHz. 
Microwave is a consequence of the rapidly oscillating electric field of a polar or 
dielectric material, which induces heat by the frictional forces of molecules in 
movement (Passos et al., 2014). Microwave details will be described in the 
following section. 
All these methods may be applied individually or in various combinations.  
Furthermore, a good review of all cell disruption method is also descripted by 
Gunerken et al. in 2015. 
 
1.4.1 Microwave 
In the microwave process, the oscillation of polar species and ionic conduction 
cause the temperature to increase rapidly and leads to cell rupture, thus, improve 
the extraction efficiency. 
The increase in biofuels production yield after microwave pretreatments is often 
attributed to the increase in surface area caused by the rupture of microalgal cells. 
(Ma et al., 2014). 
In the microwave pretreatment process, the fast heating of the moisture inside 
the microalgal cells results in evaporation and generates tremendous pressure on 
the inside of the cell walls. This mechanism explains the rapid rupturing of 
microalgal cells into smaller cell fragments, as shown in figure 17, and the 
corresponding increase in the quantity of components extracted with this method 
(Ma et al., 2014). 
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Figure 17: Scanning electron micrographs of the microalgal cell surface. a) Cell without any 
pretreatment b) Cell with the microwave pretreatment (arrow points to pores) c) a group of cells with the 
microwave pretreatment. (Scale bars in each block denoting 1 µm) 
 
When a dielectric or polar material is put in a rapidly oscillating electric field, 
such as that produced by microwaves (of frequencies about 2.5 GHz), heat will be 
generated by the frictional forces from the intra molecular movements. 
Thus microwave irradiation is one of the best methods of reducing the reaction 
time and obtaining higher yields in the production of biodiesel (Motasemi and Ani, 
2012) 
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CHAPTER 2 
MATERIALS AND METHODS 
 
2.1 Experimental approach 
The experimental approach made for research purposes can be divided into the 
following steps. The production of algae used in the laboratory was within 10 L 
bioreactors. The algae that has higher water content is separated during the 
harvesting step. The last phase, performed with the centrifuge Sorvall RC 6+, 
allows the centrifugal force exerts on the algae to separate, and then concentrate the 
paste. The final concentration of the algae paste is adjusted with the supernatant 
made during the harvesting step, depending on the desired specifications in the 
experiment. 
The algae obtained can go directly to lipid extraction, or be pretreated to have 
a higher content of lipids released for biodiesel production and also carbohydrates 
and protein to produce respectively bioethanol and biogas. As previously 
mentioned, the pretreatment performed in this research is the microwave. 
For lipid extraction, the chosen method most used in the literature, described by 
Bligh and Dyer is for extraction of lipid with the system chloroform / methanol / 
water. Comparing the samples with distilled water as a blank, and vegetable oil as 
a standard assessed the efficiency of the extraction process. 
In order to minimize the waste of algae and to have an increased production of 
energy, the algae residue had to be fermented, leading the carbohydrates to produce 
bioethanol. As for the previous step, the residue of algae (after fermentation), could 
be utilized to produce biogas by means of anaerobic digestion. 
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2.1.1 Sample preparation 
The set of experiments carried out are placed into three groups. 
The first group comprises of the experiments without pre-treatment leading to 
lipid extraction. We have evaluated the efficacy of the method for different amounts 
of samples at the same biomass concentration. 
 4 g of paste algae whit 27% of biomass concentration 
 5 g of paste algae whit 27% of biomass concentration 
 6 g of paste algae whit 27% of biomass concentration 
 7 g of paste algae whit 27% of biomass concentration 
 8 g of paste algae whit 27% of biomass concentration 
Samples were prepared in triplicate from each of these mixtures for total solids 
analysis and for lipid extraction with the Bligh and Dyer method.  
 
 
Cultivation C. 
Vulgaris in 
batch 
bioreactor
Harvesting C. 
Vulgaris by 
centrifugation
Microalgae 
paste with 
27 wt% of total 
solid
Total solid 
analysis 
(Triplicate 
sample)
6 g Paste5 g Paste 7 g Paste 8 g Paste4 g Paste
Lipid extracted 
with the Bligh and 
Dyer method
(Triplicate sample)
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In the second set of experiments, the algae had been treated using the 
microwave, without the harvesting stage. These sets of experiments are designed to 
treat the sample for different time intervals, in order to define the optimum 
conditions for the third set of experiments. In order to define the ideal conditions 
the samples were tested at 10, 20, 40, 60 seconds in duplicate sample. 
 
 
Cultivation C. 
Vulgaris in 
batch 
bioreactor
Microalgae 
paste with 
0.21 wt% of 
total solid
Total solid 
analysis 
(Triplicate 
sample)
20 mL 
for 40 sec
20 mL 
for 20 sec
20 mL 
for 60 sec
20 mL 
for 10 sec
Pre-treatment 
Microwave 
(duplicate sample)
20 mL 
Control
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In the third experiment, which is the central purpose of this research, the sample 
was harvested, and then pretreated with the microwave before performing the 
extraction of the lipids. This step is followed by the purification and fermentation 
to produce bioethanol. Finally, an analysis of the volatile solids allowed me to 
estimate the potential biogas that would be produced by anaerobic digestion. 
Cultivation C. 
Vulgaris in 
batch 
bioreactor
Harvesting C. 
Vulgaris by 
centrifugation
Microalgae 
paste with 
17 wt% of total 
solid
Total solid 
analysis 
(Triplicate 
sample)
4 g Paste
«40 sec»
quadrupled
4 g Paste
«Control»
duplicate
4 g Paste
«60 sec»
quadrupled
Pre-treatment 
with microwave
Microalgae 
paste with 
8 wt% of total 
solid
Diluite sample 
with 
supernatant 
Lipid extracted 
with the Bligh 
and Dyer 
method
Add the 
duplicate 
sample in one 
system
Microalgae 
concentrate to 
25 g/L
Fermentation 
to bioethanol 
production
Biogas 
production 
calculation
Total solid 
analysis 
(Triplicate 
sample)
Diluite sample 
with DI water
Purification 
process
GC/MS
Analysis
(Triplicate 
sample)
Total & Volatil 
solid analysis 
(Triplicate 
sample)
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2.1.2 Pretreatment condition: Microwave 
The mixture was poured in a 3” covered microwave safe glass petri dish (fig. 
18) and microwaved with an Emerson 700 W microwave oven (fig. 19) on high 
power for 10 seconds on and 30 seconds off cycle. This was done to avoid 
overheating and boiling of the mixture.   
 
 
Figure 18: 3” covered microwave safe glass petri dish with algae 
 
 
Figure 19: Emerson 700 W microwave oven 
 
Microwave treatment at 2450 MHz is know as the optimal value of frequency 
for heating, drying and cell disruption (Vasavada, 1986).  
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When a mixture is exposed to microwaves, the microwaves interact selectively 
with the dielectric or polar molecules and cause local heating as a result of frictional 
forces from internal and intramolecular movements (Amarni and Kadi, 2010).  
The content of water in the algae contributes to increase the microwave 
efficiency for cell disruption. Water exposed to microwaves reaches the boiling 
point fast resulting in expansion within the cell and an increase in the internal 
pressure (Gunerken et al., 2015). 
The local heat and pressure combined with the microwave induced damage to 
the cell wall, facilitates the recovery of intracellular metabolites. However, since 
only a fraction of the water is held inside the cells, the majority of the radiation 
energy is absorbed by the surrounding medium and lost as heat (Lee et al., 2012), 
causing protein aggregation and denaturation (Woo et al., 2000). 
Then the disruptive effect of the cell is mainly based on the absorption of 
microwave energy by water molecules, present inside the cell wall, and 
subsequently the formation of heat and radicals (Amarni and Kadi, 2010). It can be 
derived that the effect of microwave treatment had higher efficiency on diluted 
suspensions in comparison with concentrated suspensions. 
Advantages of microwave treatment are effectiveness and robustness and it is 
ease in scaling-up because of the simplicity of the technique. The temperature 
increase is more homogeneous compared to conventional heating, thus heat related 
denaturation occurs less readily (Pasquet et al., 2011).  
Additionally, disruption can be combined with selective extraction (microwave 
assisted extraction, MAE), which is superior to microwave heating in terms of 
speed, efficiency and protection against thermal denaturation (Gunerken et al., 
2015).  
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2.1.3 Bligh and Dyer Procedure 
10 mL of methanol and 5 mL of chloroform was measured using a 10-mL 
eppendorf research pipe and added to the sample in the centrifuge tube. The cap of 
the centrifuge tube was taped using vinyl electric tape to avoid leakage and the tube 
was then mixed for 2 minutes using a Thermolyne Maxi Mix PlusTM vortex. An 
additional 5 mL of chloroform was added to the sample and the tube was taped and 
mixed for 30 seconds using the vortex. Lastly, distilled water was added to the 
sample and the tube was taped and mixed for 30 seconds using the vortex.  
The amount of water added was calculated for each sample, as well as the water 
content within the algae paste. 9 mL of DI water are required by the method of 
Bligh / Dryer method, since the proportion Chloroform / Methanol / Water was 2: 
2: 1.8. The 9 mL required must be subtracted from the total content of water.  
Then 6.08, 5.35, 4.62, 3.89, 3.16 mL of DI water were added respectively to the 
4, 5, 6, 7, 8 grams of algae paste samples since the biomass concentration was 27% 
of dry biomass. 
Figure 20 shows the mixture at each step of the Bligh and Dyer procedure. 
 
 
Figure 20: Sample at different stages in the Bligh and Dyer method from left to right shows step 1: add 
10 mL of methanol and 5 mL of chloroform; step 2: add 5 mL of chloroform; step 3: add 5 mL of water; and 
step 4: centrifuge to separate phases 
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At the end of the peviours step, the mixture was centrifuged using Beckman 
Coulter Allegra X-30R Centrifuge at 9000 rpm for 12 minutes (fig. 21).  
 
 
Figure 21: Beckman Coulter Allegra X-30R Centrifuge 
 
This provided complete separation of the chloroform layer on the bottom, and 
the methanol/water layer on the top, which was separated by the residual biomass 
(see fig. 20). 
The bottom chloroform layer was removed using a glass Pasteur pipette and 
placed into a pre-weighed 50-mL Erlenmeyer flask (fig. 22). To be sure that all 
lipids were extracted, a second step of centrifuge was carried out to separate the 
residual chloroform. The chloroform was evaporated from the flask using a Heidolf 
Hei-VAP Precision (fig. 22) with glassware set to G5 rotary evaporator, with a bath 
temperature of 60oC, pressure of 375 mbar, and rotation speed of 150 rpm.   
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Figure 22: Heidolf Hei-VAP Rotavapor and 50-mL Erlenmeyer flask 
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2.1.4 Purification Process 
The purification process is carried out to remove the residue chloroform from 
lipid extraction and part of the methanol. The procedure involves the addition of 
10mL of DI water inside the 50 mL centrifuge tube containing algae and mixed 
by Thermolyne Maxi Mix PlusTM vortex to obtain a homogeneous solution. 
The centrifuge tube without cap were positioned in a sponge float and 
introduced into the water bath preheated to 70 ° C for 90min (fig. 23). This 
temperature is above the boiling temperature of the chloroform (61 ° C) and 
methanol (64,7 ° C). 
 
 
Figure 23: Water bath 
 
0.5mL of the solution was extracted with 1 mL Eppendorf Research plus 
pipettes at 0, 30, 60 and 90 minutes and placed in 7.5 mL screw vials with closures 
for GC analysis in Hewlett Packard HP 6000 Series GC System. This operation was 
done to check if all the chloroform present was removed. 
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2.1.5 Fermentation 
Fermentation, also known as ethanol fermentation, is the anaerobic process 
carried out by yeasts, in which simple sugars are converted to ethanol and carbon 
dioxide. Yeasts typically function under aerobic conditions. The process of alcohol 
fermentation can be divided into two parts: saccharification and fermentation 
processes. Both saccharification and fermentation processes can be simultaneously 
carried out in a single step if an amylase producing strain can be used for ethanol 
fermentation. 
The main purpose of alcohol fermentation is to produce ATP, the energy 
currency for cells, under anaerobic conditions. So from the yeast's perspective, the 
carbon dioxide and ethanol are waste products.  
In this research we evaluated the production of bioethanol from Chlorella 
vulgaris by using traditional dry yeast used in the fermentation of corn. The 
microalgae Chlorella vulgaris has been considered as a promising feedstock for 
bioethanol production because it can accumulate up to 37% (dry weight) of starch. 
However, higher starch contents can also be obtained for optimized culture 
conditions (Chaudhary et al., 2014). 
Traditional production of ethanol from starch requires a three-stage process; 
liquefaction of starch by α-amylase, saccharification of liquefied starch by enzymes 
to sugars followed by fermentation using S. cerevisiae. 
For preparing the sample, algae from the lipid extraction have been placed in 
50 mL centrifuge tube then the biomass concentration was adjusted to 25 g/L. Even 
the pH was adjusted to 5.8 using 0.1 N of HCl or NaOH. 
Hence 50 mL of the concentrated algae biomass were transferred in 100 mL 
glass bottle. A small amount of alpha-amylase enzyme (Spezyme) were added to 
the bottle. The amount is calculated by the following equation: 
25
𝑔
𝐿
∙ 0.205 
µ𝐿
𝑔
∙ 𝑉𝑜𝑙𝑢𝑚𝑒 𝑜𝑓 𝑆𝑎𝑚𝑝𝑙𝑒 = 𝐴𝑚𝑜𝑢𝑛𝑡 𝑜𝑓 𝐷𝑖𝑠𝑡𝑖𝑙𝑙𝑎𝑡𝑒 [µ𝐿]  
Where 0.205 µL/g is the specific volume of alpha-amylase enzyme.  
Then leave the mixture in a water bath preheated at 85 ° C for 2 hours (fig. 24). 
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Figure 24: Water bath 
 
After two hours, allow the sample to cool to 35°C and then adjust the pH value 
to 5.0 using 0.1 N of HCl or NaOH.  
Add glucoamylase enzyme (Distillate) and distillers active dry yeast (DADY). 
The following relations define the respective amounts: 
250 ∙ 25
𝑔
𝐿
∙ 0.714 
µ𝐿
𝑔
∙ 𝑉𝑜𝑙𝑢𝑚𝑒 𝑜𝑓 𝑆𝑎𝑚𝑝𝑙𝑒 = 𝐴𝑚𝑜𝑢𝑛𝑡 𝑜𝑓 𝐷𝑖𝑠𝑡𝑖𝑙𝑙𝑎𝑡𝑒 [µ𝐿]  
0.0025 
𝑔
𝑚𝐿
∙ 𝑉𝑜𝑙𝑢𝑚𝑒 𝑜𝑓 𝑆𝑎𝑚𝑝𝑙𝑒 = 𝐴𝑚𝑜𝑢𝑛𝑡 𝑜𝑓 𝐷𝐴𝐷𝑌 [𝑔] 
Where 0.714 µL/g is the specific volume of glucoamylase enzyme and 0.0025 
g/L is the density of active dry yeast. 
After preparing the sample with the various additives, we must make the 
anaerobic process, through the removal of air present in the bottle. This has been 
achieved with blowing argon inside the bottle and created flow device with another 
100 mL bottle filled with DI water (fig. 25).  
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Figure 25: Anaerobic system 
 
Then the samples were placed in the Innova 42 Incubator Shaker Series at 35°C 
at 150 RPM for 72 hours (fig. 26). 
 
 
Figure 26: Innova 42 Incubator Shaker 
 
At the end of 72 hours, the content was filtered using a filter paper with 0.45 
µL pore size. The sample is positioned on top of the filter and then the vacuum 
created by the pump sucks it in. This allows the suction of only filtrate and leaves 
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the residual to form a panel in the filter. In the following figure 27 is represented 
the system previously described. 
 
 
Figure 27: Filter and pump system 
 
For the analysis, 0.5 mL of the filtrate was transferred into 7.5 mL screw vials 
with closures. The ethanol production was then checked by Hewlett Packard HP 
6000 Series GC System.  
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2.2 Materials 
C. vulgaris was purchased from Carolina Biological Supply Company and 
cultivated and harvested in the laboratory. All materials used for microalgae 
cultivation were autoclaved using a Tuttnauer Autoclave-Steam Sterilizer (Model 
5075 ELV with 160 L chamber volume) (fig. 28) or disinfected with 70% ethanol 
to minimize contamination of foreign species. 
 
 
Figure 28: Tuttnauer Autoclave-Steam Sterilizer (Model 5075 ELV) 
 
2.2.1 Microalgae Growth Media 
The growth media designated as ATTC® Medium 5 (Manassas, VA) was made 
in the laboratory with the following ingredients ratio: 
 1.0 g Beef Extract 
 1.0 g Yeast Extract 
 0.004 g FeSO4∙7H2O 
 10.0 g Dextrose 
 3000 mL Distilled Water 
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The pH of the media was adjusted to 7.5 and then autoclaved using the 
Tuttnauer Autoclave-Steam Sterilizer at 120°C and 205 kPa for 20 minutes, for a 
final pH of 7.2. After autoclaving, the growth media was allowed to cool to room 
temperature in a Thermo Scientific 1300 Series A2 laminar flow hood (fig. 29) 
under UV light to ensure no contamination of foreign species. 
 
 
Figure 29: Thermo Scientific 1300 Series A2 laminar flow hood 
 
Another system adopted for the preparation of the solution provides to use 50% 
(or 75%) of the solution with the prescribed method, while the remaining 50% (or 
25%) of the solution was carried out using Miracle-Gro 24 - 8 -16 (Nitrogen-
Phosphate-Potash) (fig 30). 
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Figure 30: Miracle-Gro 24 - 8 -16 (Nitrogen-Phosphate-Potash) 
 
2.2.2 Developing and Maintaining the Culture 
Chlorella vulgaris was purchased from Carolina Biological Supply Company. 
The 20 mL of dilute culture was grown on 200 mL of growth media in a 500 mL 
clear glass bottles with a two-port cap. Aluminum foil was placed over the caps 
loose enough to allow airflow into the bottle but tight enough to prevent 
contamination from entering the culture. The culture was grown under a 115 V 
fluorescent light with a 12 hour light/12 hour dark cycle for seven days with 
constant mixing. 
After seven days, 20 mL of the culture was added to one 500 mL clear glass 
bottle with 100 mL of dilute growth media for a maintenance culture. The 500-mL 
bottle had a two-port cap, one with 1/8” polypropylene tubing that was used to 
extract a sample from the culture without opening the bottle. The caps were covered 
with aluminum foil. The maintenance culture was kept in the laboratory under 
minimal light to allow for the culture to grow slowly. Every four weeks growth 
media for a new maintenance culture was prepared and 20 mL from the older 
maintenance culture was added to the new culture. The purpose of this process was 
to allow the microalgae to grow slowly, with enough nutrients to prevent death of 
the culture. The maintenance culture was used to prepare the microalgae that was 
used for each experiment. 
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2.2.3 Growing Microalgae for Experiments 
Microalgae was grown in a batch system with three 10 L bioreactors grown in 
parallel, each with a working volume of 7 L. Three starter cultures were prepared, 
one for each 10 L bioreactor.   
The cultures were prepared the same as the maintenance culture, except 200 mL 
of growth media was used for each 500-mL bottle. Microalgae from the 
maintenance culture was transferred to each starter culture bottle using a BD 30 mL 
sterilized syringe to extract 10 mL of microalgae using the 1/8” sampling tube. The 
starter cultures were grown under 115 V florescent lights on a 12 h light/ 12 h dark 
cycle for five to seven days (fig. 31). 
 
 
Figure 31: Growing of starter culture 
 
Figure 35 shows the batch bioreactor configuration for the large batches of 
microalgae. Seven liters (7 L) of growth media was prepared in three 10 L clear 
glass bottles, each equipped with a three-port cap and 1/8” polypropylene tubing of 
different lengths. Two of the tubes were long enough to be submerged in the middle 
of the growth media. One of these tubes was for gas flow into the bioreactor and 
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the other was for a sampling port to monitor the growth of the microalgae with the 
OD reading. The third tube was short and only reached into the headspace of the 
bioreactor. This tube was for gas flow out of the bioreactor. 
Compressed air was supplied to the bioreactors at a rate of approximately 230 
mL/min, controlled with an AALRORG Mass Flow Controller GFC and CO2 was 
supplied to the bioreactors at a rate of approximately 10 mL/min, controlled with 
an Omega Mass Flow Controller (FMA5400/500). The total CO2 concentration of 
the airflow need to be approximately 4.0%. The two gas flows were combined and 
connected to an autoclaved cotton filter (fig. 32) before being divided into three 
tubes, each connected to a bioreactor.  
 
 
Figure 32: Cotton filter 
 
Gas flow leaving the reactor was regulated using flow regulators to keep the 
flows through each bioreactor equal. Before entering the regulator, the outgoing 
gas tubes were connected to a desiccator to keep condensation from entering the 
flow regulator (fig. 33). 
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Figure 33: Gas flow regulator and desiccator bottle 
 
The reactors were placed under 115V florescent light on a 12 hour light/12 hour 
dark cycle. White or reflective poster board was placed around the reactors to 
reflect the light onto the bioreactors from all sides. Constant mixing was maintained 
at about 60 rpm with Fisher Scientific Isotemp stir plates. The microalgae was then 
allowed to grow for 7/8 days. The algae growth was monitored by taking samples 
every two days and reading the optical density (OD) at 600 nm using Thermo 
Scientific Biomates 3S UV visible spectrophotometer (fig.34) with 1 cm thick 
cuvettes. 
 
Figure 34: Thermo Scientific Biomates 3S UV visible spectrophotometer 
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  Distilled water was used as the reference OD. Towards the end of the growth 
cycle, the OD samples were taken every day. All OD samples were taken in 
triplicate.   
In figure 35 is show all the system at the first day (top) and at the last day 
(bottom). 
 
Figure 35: Batch bioreactors in parallel for cultivating C. Vulgaris with air and CO2 supply on day 
0 (top) and day 7 (bottom) 
 
During the second phase of experimentation, we tested another method for 
growing algae. Because the system just described was found to be very sensitive to 
fluctuations for CO2 and air, it was necessary to monitor the fluctuation of the flow 
at least for the first three days. The continuous fluctuations led to the excessive 
stress to algae, causing them to die. 
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In this system, the 10 L bioreactor was filled up to 3 L and did not include 
plastic cap with tubes, but it was plugged with plastic foam. This system not use 
the supply of any external gas but allows an automatic passage of air and CO2 from 
the surrounding air through the sponge, but prevents the introduction of foreign 
particulate (fig. 36). 
 
Figure 36: Batch bioreactors in parallel for cultivating C. Vulgaris without air and CO2 supply 
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2.2.4 Harvesting 
After the 12 days of growth, the microalgae was concentrated using a Thermo 
Scientific Sorval RC 6+ centrifuge (fig. 37) with a Thermo Scientific FiberLite 
F10-4X1000 LEX rotor in carbon fiber composite (fig. 38), which could process 
four liters at a time.   
 
 
Figure 37: Thermo Scientific Sorval RC 6+ centrifuge 
 
Figure 38: Thermo Scientific FiberLite F10-4X1000 LEX rotor 
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Four liters of the dilute microalgae were added to four 1 L Nalgene centrifuge 
containers and centrifuged for 20 minutes at 9000 rpm. The centrifuge process is 
not expected to damage cells because the centrifugal force is lower than that which 
would have an impact on cell viability (Heasman et al., 2000). After centrifuging, 
the water was decanted from the containers and replaced by another liter of the 
microalgae solution, and centrifuged again. This process was repeated until enough 
microalgae paste for experimentation was collected. Two liters of the decanted 
water was collected for use later in the experiment.  
When all of the microalgae was centrifuged, the microalgae paste was 
combined into a single centrifuge container by adding some of the decanted water, 
re-suspending the microalgae paste and mixing all of the microalgae together to 
completely mix the microalgae paste from the three bioreactors. The mixture was 
then centrifuged again and the remaining water was collected for the next dilution 
of the algae to achieve the desired concentration for the experiment.  
Figure 39 shows a picture of the resulting microalgae paste from the harvesting 
process. 
 
Figure 39: C. vulgaris paste after concentrating the microalgae by centrifugation 
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2.3 Analytical Method 
 
2.3.1 Total Lipid Measured 
The mass of total lipids extracted was measured directly in the flasks that were 
used to evaporate the solvents during the solvent extraction process. After the 
solvent was evaporated from the lipids, the 50 mL Erlenmeyer flasks with the lipids 
were dried, brought to room temperature, and weighed using the Denver instrument 
SI-234 balance (fig. 40). The weight of the empty flask was subtracted to get the 
total lipid mass. 
 
 
Figure 40: Denver instrument SI-234 balance 
 
The following figure 41 shows the 50 mL flask bottle before and after the 
evaporation of chloroform. 
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Figure 41: 50 mL flask bottle before and after the evaporation of chloroform 
 
2.3.2 Total Solid Measured 
Total solids (TS) is a measure of the content of all organic substances contained 
in a liquid sample. During the process, water is removed from the sample and only 
the content of the solids is measured.  
The protocol used in the test is the 2540 B standard method. 
If volatile solids are also to be measured, clean labeled evaporating dish in 
Thermo Scientific Lindberg Blue M Box Furnace oven at 550°C for 1 hour, to 
remove any potential volatile solids. If only total solids are to be measured, heat 
clean dish to 105°C for 1 hour in a Thermo Scientific Heratherm oven.  
In both case, store and cool the dish in desiccator until needed.  
The following figure 42 shows the furnace and the oven used in the tests. 
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Figure 42: Thermo Scientific Lindberg Blue M Box Furnace (on the left) and Thermo Scientific 
Heratherm oven (on the right) 
 
Weight of each dish was recorded using the Denver instrument SI-234 balance 
before use. 
If the sample contents were solid, approximately 0.5 g of the sample was added 
to each dish with a steel spatula, if sample was liquid 10 ml of the homogeneous 
solution was extracted with Eppendorf Research plus pipettes. During the 
extraction of liquid sample, the solution is kept in continuous mixing and the 
sample was extracted from a point both mid-depth and midway between wall and 
vortex. Then the weight of the dish with the wet sample was recorded. 
 The dishes were placed in a Thermo Scientific Heratherm oven at 105oC for at 
least 12 hours to allow the evaporation of the water. When removed from the oven, 
the dried samples were placed in the desiccator and allowed to cool to room 
temperature and then weighed. The total solids is calculated with the dry sample 
weight divided by the wet sample weight. 
 
% 𝑇𝑜𝑡𝑎𝑙 𝑆𝑜𝑙𝑖𝑑 =
𝑊𝑡𝑜𝑡𝑎𝑙 − 𝑊𝑑𝑖𝑠ℎ
𝑊𝑠𝑎𝑚𝑝𝑙𝑒 − 𝑊𝑑𝑖𝑠ℎ
∙ 100 
 
Where Wdish is the weight of dish in grams, Wsample is the weight of wet sample 
and dish in grams and Wtotal is the weight of dried residue and dish in grams. 
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2.3.3 Volatil Solid Measured 
The residue from Total Solid Analysis (section 2.3.2) is introduced in Thermo 
Scientific Lindberg Blue M Box Furnace oven at 550°C for 1 hour for volatile solid 
measured. The method used is the 2540 standard method. 
When removed from the furnace, the dried samples were placed in the 
desiccator and allow to cool to room temperature and then weighed. The residual 
represent the fixed total or suspended solids while the weight lost on ignition is the 
volatile solids.  
This is a very common practice because offers a rough approximation of the 
amount of organic matter present in the solid fraction of wastewater, activated 
sludge, and industrial wastes.  
The percentage of volatile solid is calculated as follow equation:  
 
% 𝑉𝑜𝑙𝑎𝑡𝑖𝑙𝑒 𝑆𝑜𝑙𝑖𝑑𝑠 =
𝑊𝑡𝑜𝑡𝑎𝑙 − 𝑊𝑣𝑜𝑙𝑎𝑡𝑖𝑙𝑒
𝑊𝑡𝑜𝑡𝑎𝑙 − 𝑊𝑑𝑖𝑠ℎ
∙ 100 
 
Where Wdish is the weight of dish in grams, Wtotal is the weight of dried residue 
and dish after oven in grams and Wvolatile is the weight of residue and dish after 
furnace in grams. 
 
  
 73 
 
2.3.4 Soluble COD Measured 
Chemical oxygen demand (COD) is the amount of an oxidant that reacts 
chemically with a sample under controlled condition. It is characteristic of the 
amount of organic components that can be oxidized to inorganic final product.  
In the COD method, the results obtained are recalculated to the oxygen 
concentration (oxidizing agent, mgO2 per liter). This protocol is based on standard 
method 5220 D (colorimetric method). 
Commercial reagents were used in this prestige that contain potassium 
dichromate (for oxidation), H2SO4 and HgSO4 (for reacting with interferents) and 
sulfamic acid (for reacting especially with nitrite interferent). 
Potassium dichromate (K2Cr2O7) is a strong oxidizing agent under acidic 
conditions and would therefore be a good choice as oxidant in COD test because 
most organic samples react with dichromate ion (Cr2O7
2-) and reduce it to chromic 
ion (Cr3+).  
The optical density (OD) of the mixture is measured by Thermo Scientific 
Biomates 3S UV-visible spectrophotometer and therefore, the COD can be 
obtained from a calibration curve (COD-OD) which is already prepared by the 
standard solution (KC8H5O4) in different concentrations.  
For a sample preparation, the solution is filtered with a 47 mm diameter fiber 
filter (1.5 µm pore size) using a vacuum pump and glass fittings to remove any 
suspended and biological interferences if needed.  
Add 2 ml of the sample into the reagent vial held in 45 degree from the horizon. 
For the blank add 2 ml of DI water into a reagent vial. Cap the vials and mix the 
components by inverting them a few times.  
Then place the sample and blank into the HACH DRB-200 reactor (fig. 43) and 
heat them at 150 ° C for 2 hours. 
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Figure 43: HACH DRB-200 reactor and reagent vial 
 
After 2 hours, the heating process is stopped and wait until the reagents are left 
to cool to 120 °C. Then the vials are inverted a few more times for final mixing and 
then placed inside a rack to continue to cool to room temperature. 
Once the vials are cool, a kim wipe is used to clean the vials and the Thermo 
Scientific Biomates 3S UV-visible spectrophotometer is used to read the 
absorbance or optical density (OD) of the reagents at 620 nm wavelength (this 
wavelength is optimal for measuring the Cr3+ produced after oxidation). The 
calibration curve was used to determinate COD of the samples from the OD 
measured. 
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2.3.5 Density of Live Cell Measure 
In this method cells are stained and then observed under the Olympus CX41 
microscope (fig. 44).  
 
 
Figure 44: Olympus CX41 microscope 
 
Hyclone Trypan Blue solution was used for staining inside the dead cells, which 
then makes them different in color from other cells and distinguishable during the 
counting. Personal protective equipment (PPE) is always required when working 
with Trypan blue to specifically avoid eye and skin contact. 
For the preparation of the sample, measure the initial optical density (OD) by 
Thermo Scientific Biomates 3S UV-visible spectrophotometer. Take about 10 ml 
of the sample into a 15 ml centrifuge tube, and then centrifuge it with Allegra X-
30R Centrifuge at 8000 rpm for 5 minutes. Pull out the supernatant and place it in 
another 15 ml centrifuge tube. This supernatant is used as diluter in next steps.   
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To calculate the dilution factor to be used, consider the optimal visibility of the 
number of cells to be counted, which is obtained with a dilution factor of 20 times 
when the OD is 0.3. Once the dilution factor is calculated, the supernatant is used 
to dilute the sample. Used the multiple dilution method for purposes of gaining the 
dilution factor. 1.5 mL micro-centrifuge tubes as containers for dilution were then 
used.  
The final volume of the diluted sample should be 0.75 ml, then add 0.75 ml of 
50% Trypan blue solution to obtain the final dilution of the sample and leave it on 
a rack for 2 minutes (the time needed for a complete staining process). 
To start the counting of the cells use the Olympus CX41 microscope. Place the 
coverslip on the hemacytometer glass, pipette 10 µL of the stained sample and 
inject it between the coverslip and the glass until you can see the blue liquid even 
spread on the chamber between the glass and the slide. Do not inject more because 
it changes the standard volume of the chamber. Set the microscope to the 
appropriate magnification and count the cells in each block (A to E in the following 
figure). Count the blue cells separately as dead cells. 
 
 
Figure 45: Desired areas of Hemacytometer glass for counting cells 
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The volume of a blue square is specific to the hemocytometer. It is calculated 
by multiplying the width (1 mm) by the height (1 mm) by the depth (0.1 mm) of a 
small square.  
 
Volume of small square = W ∙ H ∙ D = 1 ∙ 1 ∙ 0.1 = 0.1 mm3 = 0.0001 ml 
 
To calculate the cell density take the average number of cells per square (sum 
of all cells in each small square you have counted, divided by the total number of 
squares you have counted), multiply it by the dilution factor and divide by the 
volume (in mL) of a small square, as the following equation: 
 
Measured cell density =
Average cells per small square ∙ Dilution factor
Volume of a small square (mL)
 
 
This procedure was also used to determine the efficiency of the pretreatment, 
since this causes the irreversible death of the cells. By cell count it is then possible 
to define the number of dead cells in relation to the living cells, for each treated 
sample. The following figure 46 shows how you see live and dead Chlorella 
Vulgaris under the microscope. 
 
 
Figure 46: C. Vulgaris under microscope, green live cell (on the left) and blue dead cell (on the right) 
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2.3.6 Gas Chromatography and Mass Spectrometer (GC/MS)  
Gas Chromatography (GC) is a common type of chromatography used for 
analytic technique in many research and industrial laboratories for quality control 
as well as identification and quantification of compounds in a mixture. GC is also 
a frequently used technique in many environmental and forensic laboratories 
because it allows for the detection of very small quantities. A broad variety of 
samples can be analyzed as long as the compounds are sufficiently thermally stable 
and volatile.  
Like for all other chromatographic techniques, a mobile and a stationary phase 
are required for this technique. The mobile phase is comprised of an inert gas i.e., 
helium, argon, or nitrogen. The stationary phase consists of a packed column where 
the packing or solid acts as stationary phase. Most analytical gas chromatographs 
use capillary columns, where the stationary phase coats the walls of a small-
diameter tube directly. 
The separation of compounds is based on the different strengths of interaction 
of the compounds with the stationary phase. The stronger the interaction is, the 
longer the compound interacts with the stationary phase, and the more time it takes 
to migrate through the column. If the polarity of the stationary phase and compound 
are similar, the retention time increases because the compound interacts stronger 
with the stationary phase. As a result, polar compounds have long retention times 
on polar stationary phases and shorter retention times on non-polar columns using 
the same temperature.  
An excessively high column temperature results in very short retention time but 
also in a very poor separation because all components mainly stay in the gas phase.  
The best separations are usually observed for temperature gradients, because 
the differences in polarity and in boiling points are used here.  
A high flow rate reduces retention times, but a poor separation would be 
observed as well because the components have very little time to interact with the 
stationary phase and are just being pushed through the column. High temperatures 
and high flow rates decrease the retention time, but also deteriorate the quality of 
the separation. Furthermore a longer column generally improves the separation. 
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The GC is also connected to a detector, which can be: Mass spectrometer 
(GC/MS) is the most used, Flame Ionization Detector (FID), Thermal Conductivity 
Detector (TCD) or Electon Capture Detector (ECD).  
The GC has to be used for our aim is Hewlett Packard HP 6000 Series GC 
System (fig. 47), which uses helium as an inert gas for the carrier component, and 
methane as a stationary phase.  
That was used during the research, to evaluate the efficiency of the purification 
process and for evaluated the bioethanol production during the fermentation 
process. 
 
 
Figure 47: Hewlett Packard HP 6000 Series GC System 
  
 80 
 
2.3.8 Biogas Production Analysis 
To estimate the amount of biogas that would be produced by the anaerobic 
digestion process, were used the parameters defined in table 5 (Ludington et al., 
2006) and the empirical correlations described by Prajapati et al., (2014). 
 
Table 5: Properties of Biogas at Standard Conditions (relating to imperial unit) 
The theoretical microalgae methane yield for Chlorella Vulgaris was estimated 
as 0.31 – 0.35 L CH4/g volatile solids (VS) with a methane content in a range 68 – 
75 %. (Murphy et al., 2015). 
Assuming that the mixture of biogas produced is composed of 70% of CH4 and 
30% of CO2, will be defined density of biogas and heat value in the international 
system (SI): 
ρbio(70% CH4) = 0.0682 
lb
ft3
= 1.09
g
L
 
Heat Value = 675 
Btu
ft3
= 25.14
MJ
m3
= 23.06 
MJ
Kg
  
Then the g biogas/g volatile solids (VS): 
0.33 
L CH4
g VS
= 0.47 
L bio
g VS
= 0.51 
g bio
g VS
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CHAPTER 3 
RESULT AND DISCUSSION 
 
3.1 Microalgae Growth Curves 
Three separate microalgae bioreactors were grown in the lab to produce 
biomass.  
The original culture was purchased from Carolina Biological Supply Company. 
The culture was maintained in the lab with a maintenance culture that was used to 
grow three starter cultures for the larger algae reactors.  
Each starter culture was grown filling a 500 mL bottle with 200 mL of broth 
and inoculating it with 10 ml of the maintenance culture. 
The volume of the solution added to each bottle must be around 70% of the total 
volume of the bottle:  this creates a large contact surface area between the liquid 
and the atmosphere, where the light has the greatest impact. 
The growth of the algae was monitored by taking samples from each starter 
culture and checking the optical density (OD) at 600 nm using Thermo Scientific 
Biomates 3S UV-visible spectrophotometer with 1 cm thick cuvettes. Distilled 
water was used as the reference OD.    
As the starter culture’s OD reached values close to 1.4, each starter culture broth 
was inoculated inside a 10 L bioreactor filled with 7 L of broth.  
Again the growth of the algae was monitored by checking the optical density 
(OD) at 600 nm. Healthy microalgae grew to a solid green color with no visible 
contaminations.  
Figure 48 through 50 show the growth curves for 3 sets of 3 bioreactors each.  
All the bioreactor’s growth curves shown in figure 48 through 50 resulted in healthy 
microalgae growth by the seventh day of growth with an average OD value close 
to 1.4-1.5. 
Variations in the growth curve are due to variations in the gas flow. Attempts 
were made to keep the flow of air and carbon dioxide consistent at 230 mL/min and 
10 mL/min, respectively, but fluctuations were unavoidable (Safi et al., 2014).  
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Figure 48: Bioreactor’s growth curves for batch 1 
 
 
Figure 49: Bioreactor’s growth curves for batch 2 
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Figure 50: Bioreactor’s growth curves for batch 3 
 
The biomass concentration of the final culture was only measured for batch 3.  
The concentration was 0.27% (or 2.7 g/L). This concentration was above the 
average biomass concentration of 1.5 g/L and below the maximum biomass 
concentration of 3.0 g/L that has been report for C. vulgaris (Gouveia and Oliveira, 
2009). The microalgae was grown under normal conditions of nourishment, and the 
biomass concentration achieved was within the ranges reported by the literature.  
The batches of microalgae were completely mixed together to ensure that there 
was no variation in the culture before samples were prepared. Due to variations in 
growth, the results of data collected from different batches of microalgae should 
not necessarily be compared to each other.   
The following procedures were done on mixture of algae with a correct final 
solids percent, to help compare the results between each experiment. The dilution 
of samples were done with the supernatant from harvesting step. 
The results shown in this section refer to the first system used for the growth of 
algae, because only by this system was possible to take the sample from the bottle 
using a BD 30 mL sterilized syringe from 1/8” polypropylene tubing. In the second 
system, the use of the plastic foam stopper did not allow an easy extraction of the 
sample and therefore it was difficult to monitor the daily growth of the biomass. 
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For this system, the growth was slower than the first one, about 14 days were 
needed to obtain the desired concentration.  
The trend of growth of algal found here is in relation to the kinetic equation 
described by Michaelis Menten: 
 
d[P]
dt
= K2[E0]
[S]
Km + [S]
= Vmax
[S]
Km + [S]
 
 
Where P is the biomass, Vmax is maximum growth rate, S is the substrate 
concentration and Km is the half saturation constant (the substrate concentration at 
which the growth rate is half the maximum). The figure 51 show the phase of 
growth in batch culture, this include the start-up “lag” phase, an exponential growth 
phase “log”, followed by a saturated stationary phase (Orosz and Forney, 2008 ). 
 
 
Figure 51: Trend of growth's biomass 
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3.2 Effect of Biomass Concentration on Lipid Extraction with the Bligh 
and Dyer Method  
Extracting lipids is a key and limited process for biofuel production based on 
microalgae. The conventional methods for lipid extraction generally involve 
dewatering before extracting lipids since residual water in wet microalgae biomass 
hinders mass transfer of the lipids from the cell and then decreases the efficiency 
of lipids extraction (Yang et al., 2014).  
During optimal growth conditions Chlorella Vulgaris can reach 5–58% lipids 
per dry weight of biomass (table 6), and it’s mainly made of glycolipids, waxes, 
hydrocarbons, phospholipids, and small amounts of free fatty acids. 
 
 
Table 6: Lipid content and productivity of different microalgae species (Mata, et al. 2010) 
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The drying biomass lipids were extracted using the Bligh-Dyer’s method with 
chloroform, methanol and water mixture (Bligh and Dyer., 1959).  
Here, we are going to investigate the effect of biomass concentration on lipid 
extraction. Table 7 shows the results for the amount of lipids extracted per dry 
biomass using various mixtures with different algae paste weights (4, 5, 6, 7, 8 g). 
The biomass concentration in each case is 27%. 
 
Alage 
Paste wt 
@27% 
Biomass 
Concentr
ation [g] 
 
Dry 
Bioma
ss [g] 
Mass of 
Lipids 
extracted 
@1st 
extraction 
[g] 
Mass of 
Lipids 
extracted 
@2nd 
extraction 
[g] 
Total 
mass of 
Lipids 
extracte
d [g] 
Average 
total 
mass of 
Lipids 
extracte
d [g] 
Standard 
Deviation 
of Lipids 
extracted 
[g] 
Lipids 
extracted 
per Dry 
Biomass 
[g/g] 
  0.176 0.025 0.201    
4 1.08 0.174 0.033 0.207 0.201 0.006 0.186 
  0.179 0.017 0.196    
  0.213 0.045 0.258    
5 1.35 0.204 0.056 0.260 0.252 0.012 0.187 
  0.185 0.053 0.238    
  0.318 0.038 0.355    
6 1.62 0.258 0.052 0.310 0.304 0.055 0.187 
  0.204 0.041 0.246    
  0.285 0.070 0.356    
7 1.89 0.288 0.055 0.343 0.353 0.009 0.187 
  0.291 0.070 0.360    
  0.241 0.105 0.346    
8 2.16 0.296 0.110 0.406 0.391 0.040 0.181 
  0.277 0.146 0.423    
Table 7: Lipid extraction using the Bligh and Dyer method for different Algae paste wt  of C. Vulgaris 
 
The amount of lipids extracted is within the range of reported lipid content of 
C. vulgaris (Mata, et al. 2010).  
Figure 52 is the graph of the average amount of total lipids extracted with the 
Bligh and Dyer method versus algae paste weight. 
The plots here shows that the amount of total lipids extracted increases linearly 
as the algae paste weight gets bigger. This is due to the fact that the quantity of 
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organic solvents used during the procedure could eventually react and extract the 
lipids contained in the algae.  
 
Figure 52: Average of Lipids extracted versus algae paste wt 
 
Figure 53 instead shows the trend of the amount of lipids extracted per dry 
biomass versus algae paste weight.  
The plot here shows that the percentage of lipids extracted per dry biomass 
ranges between 18.6% and 18.7% when the algae paste weighs 4-7 g.  
On the other hand, when the algae paste weighs 8 g there is a decrease of the 
amount of lipids extracted per dry biomass: this is due to the fact that the quantity 
of organic solvents used during the procedure is no longer able to extract the 
maximum amount of lipids contained in the algae.  
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Figure 53: Lipids extracted per Dry Biomass versus Algae paste wt 
 
To check if the applied method (Bligh & Dyer) of lipids extraction generates 
reliable results, vegetable oil has been used as control sample. 
Table 8 shows the amount of lipids extracted from the vegetable oil and the 
yield of the process calculated as: 
 
𝑦𝑖𝑒𝑙𝑑 =
𝑚𝑎𝑠𝑠 𝑜𝑓 𝐿𝑖𝑝𝑖𝑑𝑠 𝑒𝑥𝑡𝑟𝑎𝑐𝑡𝑒𝑑
𝑖𝑛𝑖𝑡𝑖𝑎𝑙 𝑚𝑎𝑠𝑠
 
 
Control 
Sample 
Initial mass 
[g] 
Mass of Lipids 
extracted @1st 
extraction [g] 
Mass of Lipids 
extracted @2nd 
extraction [g] 
Total mass 
of Lipids 
extracted [g] 
yield of the 
process [g/g] 
Vegetable Oil 5.069 4.736 0.157 4.893 0.965 
Table 8: Yield of the lipid extraction calculated with vegetable oil as control sample 
 
The calculated yield amounted to 96.5% is consistent with data found in 
literature for the Bligh and Dyer method (Iverson et al., 2001). 
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3.3 Pretreatment: Microwave 
As mentioned in the second chapter (section 2.1.1), the second set of 
experiments is aimed to define the ideal parameters to be used as pretreatment for 
the algae before the extraction of lipids with the Bligh & Dyer method, fermentation 
and anaerobic digestion process. 
In this case, algae were not harvesting before pretreatment, then the water 
content was high. The biomass concentration was 0,21 gDry/gAlgae.  
For the tests, 20mL of the sample were placed in 50 mL centrifuge tubes. The 
sample was transferred to a 3” covered microwave safe glass petri dish and then 
microwaved with an Emerson 700 W microwave oven on high power for 10 
seconds on and 30 seconds off cycle. The samples were microwaved for 10, 20, 40 
and 60 sec. Each test was duplicated to obtain a mean value more reliably. Algae 
not treated was used as control. 
The density of the mixture was measured during the total solids analysis, it was 
1.107 kg/L. 
In table 9 is shown the treatment intensity and the average measured of pH, 
temperature, SCOD, number of live and dead cells then the percentage viability of 
the cell.  
The last analysis was carried out to count the number of living cells in 
comparison to the death cell with the Olympus CX41 microscope. This is because 
the microwave tends to destroy the cell walls of algae causing its death. The rupture 
of the cell walls allows the release of the organic material in the solution. This 
increases the material that we may remove during the subsequent treatment steps. 
To easily calculate the number of cells, the starting solution was diluted 50 times. 
The amount of energy required for pretreatment was calculated. The energy 
input is the amount of power applied multiplied by the time for pretreatment. The 
equations for the energy required for pretreatment are: 
 
Treatment Intensity [ 
kW ∙ s
L
 ] =
Power × Time
Volume
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Treatment Energy per Dry Biomass [  
kJ
kg 
 ] =
Treatment Intensity
Biomass Concentration
 
 
Sample ID 
[sec] 
Treatment 
Intens. 
[KW*s/l] 
PH T [°C] 
SCOD 
[mgO2/l] 
N°cell 
live 
N°cell 
dead 
Viable 
cell 
0 0 6.86 24 401.318 98 11 100.00% 
10 0.35 6.83 51.7 434.948 97 12.5 98.45% 
20 0.7 6.79 65.85 447.279 95 19.5 91.05% 
40 1.4 6.60 69.5 512.297 88 24 85.23% 
60 2.1 6.25 69.7 560.5 85.5 29.5 78.36% 
Table 9: Microwave pre-treatment data 
 
The results show that the PH decreases and the temperature increase with the 
increase of the treatment time. 
The table and the following figure 54 shows the development of SCOD that 
increases linearly as the treatment intensity increase. 
 
 
Figure 54: Soluble COD versus treatment intensity 
 
In figure 55 is shown the decreasing trend of the viable percentage cell as the 
treatment intensity increases. 
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Figure 55: Viable percentage cell versus treatment intensity 
In the following figure 56 is shown the number of viable cells in 100 mL of 
solution, this is calculated by multiplying the number of live cells counter with 
Olympus CX41 microscope, with the relationship between the dilution factor used 
(50) and hemacytomer volume in mL (0.0001 mL). 
 
Figure 56: Viable cells in 100 mL of solution versus treatment intensity 
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Figure 57 shows the trend of kinetics of soluble chemical oxygen demand 
(SCOD), which increases with the increase of the treatment intensity because the 
rupture of the cell walls, caused by the microwaves, generates the release of organic 
material from the inside of the cell to the surrounding solution. The kinetic constant 
of the reaction determined is 0.158. 
 
Figure 57: Kinetics of soluble chemical oxygen demand (SCOD) 
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3.4 Final test: Lipid extraction, Fermentation, Anaerobic Digestion data 
The final test was made after determining the optimal parameters for the 
microwave pretreatment (section 3.3) and evaluating the effect of different amounts 
of algae on the extraction of lipids (section 3.2). 
The final examination is focused to test the ability and the energy benefit 
associated with the use of microalgae Chlorella Vulgaris for biofuel production. 
The experiment allowed to estimate the production of different biofuels (biodiesel, 
bioethanol and biogas) from the same starting microalgae. This procedure has on 
the one hand the advantage of minimizing wastage of algae and on the other hand 
an increase of the total energy produced. 
The algae were made in 10L big reactors, filled up to 4L. The starter solution 
in order to allow the algae to reproduce was made up by 75% from the broth 
containing the normal nutrients and 25% from the solution with Miracle-Gro. 
The harvesting step was carried out when the algae had an OD value equal to 
0.877 and then the total solids was measure to 0.24% (g of dry biomass per g of 
algae pastes). 
The harvesting process was made with centrifuge Sorvall RC 6+ and this 
allowed to remove most of the water contained. The concentration of dry biomass 
was 17%. Then the removed water was used to dilute the algae to 8%. This 
concentration was required for the test. 
Ten samples of 4g of algae pastes were prepared and labeled within 50 mL 
centrifuge tube. Four of these were pretreated for 40 seconds, four for 60 seconds 
and 2 were non-pretreated and were used as control. 
The samples were pretreated using the Emerson 700 W microwave oven. For 
the pretreatment step the algae were transferred into 3” covered microwave safe 
glass petri dish and microwaved for 10 sec at high power and 30 sec off. This was 
done to avoid overheating and boiling of the mixture.   
At the end, each pretreated algae were transferred into 50 mL centrifuge tube 
and then weighed. The last operation was made to determine the amount of algae 
which was lost during the transfer operations. 
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Table 10 shows averages obtained from the sample in relation to the treatment 
energy for dry biomass. Treatment energy is the energy supplied for the algae 
pretreatment. 
 
Sample 
ID 
[sec] 
Algae 
Paste 
Initial [g] 
Algae 
Paste 
Final [g] 
Algae loss 
during 
pretreatment 
[g] 
Dry 
Biomass 
[g] 
Treatment 
Energy per Dry 
Biomass 
[KW*s/Kg] 
Treatment 
Energy 
[KW*s] 
0 2.992 2.992   0.239 0.000 0 
40 4.004 2.729 1.275 0.218 128.260 28 
60 4.013 2.667 1.346 0.213 196.876 42 
Table 10: Average of microwave's pretreatment data 
 
All the samples have been treated with the same prestige in lipid extraction 
stage. This step was made following the Bligh and Dyer method already descripted 
in chapter 2 (section 2.1.3).  
10 mL of methanol and 5 mL of chloroform were added in the 50 mL centrifuge 
tube containing the algae. The mixture was homogenized with Thermolyne Maxi 
Mix PlusTM vortex for 2min. Another 5mL of chloroform was added to the mixture 
and mixed by Thermolyne Maxi Mix PlusTM vortex for 30sec. Distilled water was 
added to the solution to complete the procedure. The amount of water to be added 
was calculated according the procedure to the ratio 2: 2: 1.8 (chloroform / methanol 
/ water). Then the quantity of water was determined as described above, however 
we have to deduct the amount of water which is in the algae. Regarding the 
pretreated samples, in the calculations was considered the water evaporated and the 
water lost with algae during the transfer procedure. 
Table 11 shows the results obtained with microwave’s pretreatment (amount of 
algae lost, temperature of the sample) and the amount of water needed to be added 
in the subsequent step of lipid extraction. The results obtained refer to each tests 
performed.  
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1 Test             
Sample ID 
[sec] 
Algae Paste 
Initial [g] 
Algae Paste 
after 
Microwave 
[g] 
Algae 
Paste loss 
[g] 
Water to 
add in 
L.E. [g] 
T[°C] 
Dry Biomass 
IN [g] 
40 4.009 2.9335 1.0755 6.30 46.8 0.23468 
60 4.0227 2.7108 1.3119 6.51 59.9 0.216864 
40 4.0068 3.1406 0.8662 6.11 49 0.251248 
60 4.0015 2.2136 1.7879 6.96 57.2 0.177088 
Control 3.9975   5.32 21 0.3198 
         
         
2 Test        
Sample ID 
[sec] 
Algae Paste 
Initial [g] 
Algae Paste 
after 
Microwave 
[g] 
Algae 
Paste loss 
[g] 
Water to 
add in 
L.E. [g] 
T[°C] 
Dry Biomass 
IN [g] 
40 4.0039 2.7526 1.2513 6.47 48.5 0.220 
60 4.0155 3.0258 0.9897 6.22 59.3 0.242 
40 3.997 2.0886 1.7784 6.96 47.1 0.167 
60 4.0116 2.7164 1.2952 6.50 58.2 0.217 
Control 1.987     7.17 21 0.159 
Table 11: Microwave's pretreatment data 
 
Table 12 shows the average of lipids extracted in grams. Then the last column 
shows values of lipid extracted for dry biomass treatment, defined as the yield of 
the process. The figure 58 let us see as the samples pretreated with microwave allow 
to recover a greater amount of lipids compared to those not pretreated, the figure 
also shows that the samples pretreated to 60 seconds allow the extraction of more 
lipids than samples pretreated to 40 seconds. Vegetable oil was used as a reference 
to see the efficiency of the lipid extraction. 
 
Sample ID [sec] 
Treatment 
Energy [KW*s] 
Dry Biomass 
[g] 
Lipid extracted 
[g] 
Lipid extracted 
per Dry Biomass 
[g/g] 
0 0 0.239 0.038 0.160 
40 28 0.218 0.045 0.205 
60 42 0.213 0.053 0.247 
Vegetable Oil  3.582 4.007 0.894 
Table 12: Lipid extraction data 
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Figure 58: lipid extracted for dry biomass treatment versus treatment energy 
 
38.3 MJ/kg lipid is the heating value (HV) obtainable from lipid (Lardon et 
al., 2009). The HV is the amount of heat produced by combustion of a unit 
quantity of a fuel.  
The HV for Dry biomass is the heating value of lipid extracted referred to the 
treated biomass. As shown in table 13 the sample pretreated allows to increase a 
percentage of HV. 
 
Sample ID 
[sec] 
HV lipid 
[MJ/Kglip] 
HV per Dry 
Biomass [KJ/Kg] 
Increase % 
in HV 
0 38.3 6.13E+03   
40 38.3 7.84E+03 27.91 
60 38.3 9.45E+03 54.25 
Table 13: Heat value for lipid extraction 
 
Purification process was performed after the extraction of lipids in order to 
remove residual chloroform and methanol from the mixture of algae. The process 
was performed with addition of 10 mL of DI water and then mixed with 
Thermolyne Maxi Mix PlusTM vortex until obtaining a homogeneous solution. 
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The solution was placed for 90 minutes in the water bath preheated to 70 °C. 
This temperature allows the evaporation of chloroform and methanol, which 61 °C 
and 64.7 °C are respectively the evaporations temperatures for chloroform and 
methanol. 
0.5 mL of solution was extracted every 30 minutes with 1 mL Eppendorf 
research pipe and placed in 7.5 mL screw vials with closures for GC analysis in 
Hewlett Packard HP 6000 Series GC System.  
The Gas Chromatography and Mass Spectrometer (GC/MS) analysis allows to 
check the presence and the amount of the components present in the samples.  
Table 14 shows the time and the peak area for standard solutions with 100% of 
chloroform and methanol. Table 15 shows the results obtained on our samples. 
In the table 15 there are the retention times of the components in the GC column 
and the related peaks, which indicates the quantity of the component.  
There are also the removal percentages of the component every 30 min, these 
shows that effective removal is obtain already after 60 min and there is not so much 
difference between 60 min and 90 min treatment.  
However the treatment for 60 min help to reduce the energy consumption.  
 
Standard 
Peak 1 Peak 2 
Peak Time, 
min 
Peak Area, 
pA*s 
Peak Time, 
min 
Peak Area, 
pA*s 
Chloroform 9.564 2.34E+03 14.442 1.17E+05 
Methanol 7.945 9.67E+04 14.903 3.07E+02 
Table 14: Purification - time and the peak area for standard solutions 
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Sample 
ID [sec] 
Sampling 
Time 
[min] 
Chloroform Peak 1:                 
% removal 
for every 
30 minutes 
Methanol Peak 1:                   
% removal 
for every 
30 minutes 
Peak 1 
Time 
[min] 
Peak 
Area 
[pA*s] 
Peak 1 
Time 
[min] 
Peak 
Area 
[pA*s] 
0 0 14.54 7.57E+04   7.72 2.36E+03   
  30 14.89 1.75E+03 97.69 7.73 1.53E+03 35.42 
  60 14.91 5.05E+02 99.33 7.72 7.51E+02 68.22 
  90 14.91 2.92E+02 99.61 7.73 6.24E+02 73.61 
40 0 14.64 4.38E+04   7.73 3.62E+03   
  30 14.89 1.64E+03 96.26 7.73 1.25E+03 65.62 
  60 14.90 6.19E+02 98.59 7.72 6.49E+02 82.09 
  90 14.91 3.58E+02 99.18 5.98 3.88E+02 89.28 
60 0 14.62 5.00E+04   7.73 3.23E+03   
  30 14.90 1.38E+03 97.24 7.73 9.87E+02 69.48 
  60 14.90 5.50E+02 98.90 7.61 5.67E+02 82.45 
  90 14.91 3.14E+02 99.37 7.73 5.05E+02 84.38 
Oil 0 14.73 2.12E+04   7.82 4.23E+04   
  30 14.89 1.01E+03 95.24 7.79 3.05E+04 27.90 
  60 14.92 8.59E+00 99.96 7.79 2.97E+04 29.80 
  90 14.91 6.21E+00 99.97 7.79 2.72E+04 35.79 
Table 15: Purification - time, peak area and percentage removal of chloroform and methanol in 
our sample 
 
 The fermentation process was performed using the procedure described in 
Chapter 2 (section 2.1.5). 
In order to have enough volume to be treated during the fermentation step, the 
duplicate samples pretreated under the same characteristics and the control sample 
were conveyed in a same container. For this reason, the reliability of the result is 
lower if compared to the previous analysis because in this case the results are based 
on a single set of samples. 
Concentration of dry biomass was changed to 25 g/L with the addition of 
distillate water. The density of the mixture is calculated in 1021 g/L. Then the 
mixture of algae were transfer in 100 mL bottles and the pH was adjusted to 5.8 
using 0.1 or 1.0 N of HCl or NaOH. 
Aalpha-amylase enzyme was added to the solution and the bottles were placed 
in a water bath preheated to 85 ° C for 2 hours. This temperature should allow the 
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enzymes to activate. After 2 hours, the sample cooled down to 35 ° C and then the 
pH was adjusted to 5.0.  
Glucoamylase enzyme and distillers active dry yeast were added to the solution 
for the fermentation step.  
To make the fermentation step as an anaerobic process, Argon was added in the 
bottle and then the 100 mL bottle were placed in the Innova 42 Incubator Shaker 
Series for 72 hours at 35 ° C at 150rpm. At the end of 72 hours, the solution was 
centrifuged and the supernatant were filtered using a filter paper with pore size μL 
0,45. The pump was used to make the vacuum in the system. 
To determine the amount of bioethanol produced, three samples of 0.5 mL of 
the filtrate for each sample were transferred into 7.5 mL screw vials with closures 
for GC analysis in Hewlett Packard HP 6000 Series GC System. 
Table 16 and figure 59 show the calibration curve used as a standard to estimate 
the ethanol produced in our fermentation phase. 
 
Sample [%] 
Sample 
[g/L] 
Ethanol 
Peak 1 
Time [min] 
Peak Area [pA*s] 
Ethanol, pure   9.827  68999.700  
0.125 0.98 9.579  252.355  
0.25 1.96 9.575  357.482  
0.5 3.93 9.576  712.468  
0.75 5.89 9.577  1284.350  
1.00 7.85 9.575  1681.045  
Table 16: Ethanol calibration data 
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Figure 59: Ethanol calibration curve 
 
Table 17 represents the results obtained from gas chromatography for our 
sample. The retention time and Peak area found here are used to define the ethanol 
produced for each liter of solution. 
 
Fermentation 
Sample 
Sample 
# 
Peak 1 Time 
[min] 
Peak Area 
[pA*s] 
Average 
Peak Area, 
avg [pA*s] 
Ethanol 
produced, [g/L] 
0 A 9.567  293.957      
  B 9.572  244.240      
  C 9.589  166.157  234.785  1.289009329 
40 A 9.579  890.317      
  B 9.557  374.533      
  C 9.578  660.710  517.622  2.590059291 
60 A 9.583  248.881      
  B 9.577  609.529      
  C 9.477  630.018  619.773  3.059957249 
Table 17: Ethanol produced data 
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Table 18 and figure 60 summarizes the result data for our set of experiment. 
Table 18 shows the initial dry biomass for fermentation and the residual dry 
biomass in grams, the ethanol product and then the efficiency of the process in 
terms of ethanol produced for dry biomass treatment in g/g and the fermentation 
conversion in percentage, calculated as one minus the ratio of residual dry biomass 
for the initial dry biomass (unconverted).   
Ethanol produced for dry biomass are used to estimate the yield of the process 
in terms of ethanol product. The conversion allows to understand the available 
carbohydrate for fermentation. The difference between the two parameters will be 
the waste product, CO2 and byproducts. 
The results of the table shows that the pretreated samples allow to produce a 
greater amount of ethanol. This is because the rupture of the cell walls during 
pretreatment allows an easier and more effective action of the enzymes and yeast 
to convert the carbohydrates into glucose and then in ethanol. This is also visible in 
figure 60. 
Sample 
ID [sec] 
Biomass For 
Fermentation 
@25g/L  [g] 
Residual 
Dry 
Biomass [g] 
Ethanol 
Product [g] 
Ethanol 
Product per 
Dry Biomass 
[g/g] 
Fermentation 
conversion %  
0 0.40 0.36 0.017 0.044 9.34 
40 0.70 0.56 0.063 0.091 19.33 
60 0.65 0.50 0.067 0.104 22.54 
Table 18: Fermentation data
 102 
 
 
Figure 60: Ethanol product for dry biomass versus treatment energy 
 
26.7 MJ/kgEthanol is the heating value obtainable from ethanol (Luque et al., 
2010). The HV for dry biomass is the calorific value of ethanol product referred to 
the treated biomass. 
 
Sample ID 
[sec] 
HV Ethanol 
[MJ/Kgeth] 
HV per Dry 
Biomass 
[MJ/Kg] 
Increase % in 
HV 
0 26.7 1.16 0 
40 26.7 2.42 108.38 
60 26.7 2.77 138.06 
Table 19: Heat value for bioethanol 
 
During laboratory operations, it has not been achieved the anaerobic digestion 
step for biogas production. Nevertheless, numerical analysis allowed to define the 
hypothetical production of biogas using the residual algae from fermentation. 
Whenever the contents of total solids and volatile solid are knows.  
In table 20 there are the results calculated with the equations described in 
chapter 2 (section 2.3.8). The result shows that the rates of production of biogas 
per dry biomass treatment do not have any difference between the pre-treated 
samples and the control sample. This is also visible from table 21, the HV per dry 
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biomass treated in this step remains constant, different to the previous step in 
which the pretreated sample allowed to have an energy increase. 
sample ID 
[sec] 
Dry biomass 
IN [g] 
Total Solid 
[g/g] 
Volatil Solid 
[g/g] 
Biogas 
Product [g] 
Biogas per 
dry Biomass 
[g/g] 
0 0.36 0.15 0.995 0.18 0.507 
40 0.56 0.14 0.997 0.28 0.508 
60 0.50 0.12 0.987 0.25 0.503 
Table 20: Biogas data 
sample ID [sec] 
HV 
Biogas[MJ/Kg] 
HV per Dry 
Biomass [MJ/Kg] 
Increase % in 
HV 
Treatment 
Energy [KW*s] 
0 23.1 11.717 0 
40 23.1 11.742 0.21 28 
60 23.1 11.627 -0.77 42 
Table 21: Heat value for biogas
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3.5 Energy Analysis 
The purpose of the experiment described in section 3.4 is to assess the financial 
advantage connected to the production of different types of biofuels starting from 
the same microalgae, minimizing the wastage of raw material. 
In this paragraph we will try to show the overall economic analysis, defining 
the production of energy obtained for each single phase. 
In the table 22 are shown the results of lipid extraction, fermentation and 
anaerobic digestion. The result have to be compared to the heat value of 28 
MJ/kgalgae (Scragg et al., 2002), it is the heat produced by the direct combustion of 
microalgae C. Vulgaris. 
In the table are presented the heat value for each single step obtained for the 
different samples (pretreated and not pretreated). 
The results of the heat value for dry biomass are referred to the original 
biomass: this allows us understand the benefit of pretreated samples compared to 
those not pretreated. 
From the table and from the results discussed in the previous paragraph, it is 
clear that the sample pretreatment had a favorable effect on the extraction of lipids 
and on the production of bioethanol. 
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Lipid Extracted 
Sample 
ID [sec] 
Treatment 
Energy per Dry 
Biomass [KJ/Kg] 
Dry 
biomass IN 
[g] 
Lipid extracted 
[g] 
HV Lipid 
[MJ/Kglipid] 
HV per Dry 
Biomass [MJ/Kg] 
Increase In 
HV % 
0 0 0.479 0.077 38.3 6.13 
40 2.57 0.873 0.179 38.3 7.84 27.91 
60 3.94 0.853 0.211 38.3 9.45 54.25 
Bioethanol 
Dry 
biomass IN 
[g] 
ethanol 
product [g] 
HV Ethanol 
[MJ/Kgethanol] 
HV per Dry 
Biomass [KJ/Kg] 
Increase In 
HV % 
0.402 0.017 26.7 0.97 
0.696 0.063 26.7 1.94 99.93 
0.646 0.067 26.7 2.11 117.05 
Biogas
Dry 
biomass IN 
[g] 
biogas product 
[g] 
HV Biogas 
[MJ/KgBiogas] 
HV per Dry 
Biomass [KJ/Kg] 
Increase In 
HV % 
0.363 0.184 23.1 8.88 
0.565 0.287 23.1 7.59 -14.45
0.503 0.253 23.1 6.86 -22.71
Total 
HV Total per Dry 
Biomass initial 
[MJ/Kg] 
Increase In 
HV % 
15.97 
17.37 8.75 
18.42 15.31 
Table 22: Total heat value obtained from the sample pretreated and non pretreated for each step, 
lipid extraction, bioethanol and biogas 
The not pretreated samples allow to obtain a total heat value of 15.97 MJ/kg for 
dry biomass. The samples pretreated by microwave for 40 seconds have an HV of 
17.37 MJ/Kg for dry biomass with an increase of 8.75% compared to non-
pretreated samples. The samples pretreated with microwaves for 60 seconds have 
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an HV of 18.42 MJ/Kg for dry biomass with an increase of 15.31% compared to 
non-pretreated samples. 
Figure 61 shows the trend of the HV in MJ/Kg for dry biomass for each steps 
for different samples used. 
Figure 61: Total heat value obtained from the sample pretreated and non pretreated for each 
step, lipid extraction, bioethanol and biogas
The results obtained show that pretreatment with microwaves had a favorable 
effect on heat value, because this allows to break the cell walls of microalgae 
allowing a greater recovery of lipids during the extraction with solvents and a better 
effect of the enzymes to convert carbohydrates into simple sugars in the 
saccharification process, then the sugars are converted to ethanol by the action of 
yeast in fermentation process. A larger increase of HV is obtained with the sample 
pretreated for 60 sec compared to the sample pretreated for 40 sec. 
It should also be noted that treatment of the algae allows to produce different 
kinds of biofuel that can be used for different purposes. 
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CONCLUSION 
Based on this review, it is clear that microalgae have a potential to produce a 
wide range of products due to its high quantity natural proteins, lipids, 
carbohydrates, vitamins, pigments and enzymes contents. Besides, microalgae also 
have potential to be used in environmental applications such as removal of excess 
organic and inorganic nutrients and heavy metals. Further, algae is also currently 
gaining attention for being capable of significantly reducing greenhouse gases  
concentration, thus providing solution to global warming. Since the cultivation of 
these organisms are capable of fixing CO2 to produce energy and chemical 
compounds with the presence of sunlight. 
Biodiesel can be produced from plant oils, animal fats and waste cooking oils. 
This feedstock have been suitable for biodiesel production and for running in diesel 
engines. The demand of biodiesel production is increasing every year, and oil crops 
are compromising food crops. So, other sources of biodiesel such as microalgae 
will have to be commercialized.  
The oil extracted from microalgae to produce biodiesel has a number of 
advantages over other oil crops. Microalgae can be grown in non agricultural land, 
sea water, freshwater as well as in waste water. They are more productivity than 
crop plants and have the ability of carbon dioxide mitigation. Microalgae can be 
cultivated in open ponds systems or closed Photobioreactors. Both methods are 
technically feasible. PBRs provide much greater oil yield per hectare and more 
controlled environment than open ponds. However, PBRs are more expensive than 
open ponds systems. In Open ponds systems the strains are exposed to 
contamination by other microorganisms.  
It’s possible by nutrient control adjust the organic content in microalgae, for 
example although nutrient deficiency, typically nitrogen or phosphorous 
deficiency, is well known to enhance the lipid content of algae.  
Harvesting is considered to be an expensive and problematic part of the 
industrial production of microalgae biomass due to the low cell density of 
microalgae.  
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The production of biodiesel from microalgae has received a lot of criticism 
because of its high cost. Oil extraction from algae is one of the most costly 
processes and determines the sustainability of algae to based biodiesel. Best costly 
feasible methods combine chemical extraction solvents, mechanical extraction and 
pretreatment. The reaction to produce biodiesel from microalgae is called acid 
transesterification reaction of microalgae oil. It is carried out using sulfuric acid as 
a catalyst and methanol to yield methyl esters and glycerin. The laboratory tests 
were conducted up to lipid extraction step, then the results are referred to the 
calorific value of the lipids (HV in MJ/Kglipid). The lipids include fatty acids that 
are used for the acid transesterification for biodiesel production, also steroids and 
carotenoids which may be separated by means of the saponification process and 
served different purposes. This will increase the economics factor.  
The microalgae candidate for biofuels production in this study are marine green 
algae, Chlorella Vulgaris. Microwave pretreatment of C. Vulgaris was effective in 
increasing the yield of lipid extraction and bioethanol production than no 
pretreatment sample. The results obtained show that pretreatment with microwaves 
had a favorable effect on heat value. The rupture of cells is due to the tremendous 
pressure raised from the fast heating up of the moisture inside the microalgae cells. 
This allows a greater recovery of lipids during the extraction with solvents and a 
better effect of the enzymes to convert carbohydrates into simple sugars in the 
saccharification process, then the sugars are converted to ethanol by the action of 
yeast in fermentation process. A larger increase of HV is obtained with the sample 
pretreated for 60 sec compared to the sample pretreated for 40 sec. 
The not pretreated samples allow to obtain a total heat value of 15.97 MJ/kg for 
dry biomass. The samples pretreated by microwave for 40 seconds have an HV of 
17.37 MJ/Kg for dry biomass with an increase of 8.75% compared to non-
pretreated samples. The samples pretreated with microwaves for 60 seconds have 
an HV of 18.42 MJ/Kg for dry biomass with an increase of 15.31% compared to 
non-pretreated samples. 
In the lipid extraction step, the lipids extracted without pretreatment are 0.160 
g per g of dry biomass. 0.205 g lipid extracts per g of dry biomass for the pretreated 
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sample with microwaves for 40 seconds (28 % more than non-pretreated) and 0.247 
g lipid extracts per g of dry biomass for the pretreated sample with microwaves for 
60 seconds (54.2 % more than non-pretreated).  
Overall, the production of microalgae promotes global prospects and may 
provide sustainable economic development in future. Further research, life cycle 
analysis and economical assessments are required to make microalgae sustainable 
for biofuels production. 
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